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Abstract
In dryland ecosystems, plant productivity and microbial decomposition are often separated in
space and time due to the asynchronous availability of soil moisture and organic matter inputs. It
has been proposed that fungi play a key functional role in connecting these cycles by facilitating
movement of water, carbon (C), and nitrogen (N) through a network of shared hyphae between
plant roots and biological soil crust (biocrust) communities at the soil surface. This connection,
also known as the “fungal loop,” effectively re-couples processes of nutrient release and uptake
between primary producers and minimizes ecosystem N losses due to leaching, erosion, and
gaseous pathways. However, direct support for the existence of these nutrient exchanges and for
the importance of fungal networks in dryland biogeochemical cycles remains scarce. In this
dissertation, | addressed several direct and indirect lines of evidence underlying the fungal loop
hypothesis, described in the following chapters: Ch. 2 presents a greenhouse study comparing
foliar recovery and uptake of inorganic and organic N forms applied to roots of three dryland
plant species and summarizes our current ecological understanding of dryland plant N uptake
rates and methods of quantification; Ch. 3 identifies the abundance, composition and similarity
of fungal communities in both biocrust soils and roots of black grama (Bouteloua eriopoda) and
compares the responses of biocrust and root-associated fungi to different global change factors;
and Ch. 4 attempts to isolate the role of fungi in nutrient translocation of N between biocrust
soils and plants by impeding fungal connections to plant roots and evaluating the conditions
affecting N uptake from biocrust soils to plant leaves. My findings from Ch. 2 demonstrate that
dryland plants with different growth requirements can take up both inorganic and organic soil N
within 12-48 hours, and there is little evidence for N niche specialization among nutrient-limited

plants in this habitat. Results from Ch. 3 illustrate the relative dissimilarity of biocrust and root-



associated fungal communities, the potential sensitivity of root fungal diversity to N fertilization,
and the reordering of biocrust fungal communities under increased precipitation variability and
combined inputs of water and N inputs. Findings from Ch. 4 did not support the central
importance of fungal connections to rapid N transfer through surface soils, as we found that plant
15N uptake was not inhibited by neither fungal exclusion mesh treatments nor surface soil
barriers, and significant movement was only observed after 3-10 days. We conclude that (i)
nutrient uptake can occur rapidly (< 24 h) in co-occurring dryland plant species following
application of water and N to the roots, (ii) there are taxonomically diverse and abundant
saprotrophic fungi in biocrust soils, and functionally distinct, symbiotrophic taxa in plant roots
that may have differential responses to fluctuations in N and water inputs in this system, and (iii)
N transfers from surface biocrusts to plant leaves are fairly rare at the ~0.5 m? scales we tested,
and relatively slower rates of nutrient movement into plants could be driven by soil diffusion and
plant root uptake processes, rather than active fungal facilitation. Overall, I did not find strong
direct or indirect evidence supporting the occurrence of fungal-mediated nutrient exchanges in
this semiarid grassland; however, | did gain a clearer picture of the diversity, composition,
abundance and potential trophic roles of dryland fungi and the potential mechanisms underlying
N translocation through soils and biotic pools. Cultivating a better understanding of the
relationships between short-term nutrient uptake, soil and plant microbes, and soil nutrient
movement in dryland has important implications for understanding patterns and mechanisms of

nutrient cycling and retention in these globally important ecosystems.
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Chapter 1: Introduction

THE ROLES OF FUNGI IN DRYLAND ECOSYSTEMS
Fungi in Drylands

Fungi inhabit every continent on Earth due to their abilities to adapt to a variety of
conditions and colonize even the most inhospitable substrates. In dryland ecosystems, fungi
occupy multiple niches within soils and plant tissues due to their diverse lifestyles and trophic
modes (Jumpponen et al., 2017; Ladwig et al., 2021). Soil fungal communities are species rich
with hundreds to thousands of taxa found in < 1 g of surface soil (Taylor & Sinsabaugh, 2015),
and diverse assemblages of fungi and other microbes can be found in the upper < 10 cm of
dryland soils where organic matter inputs, labile carbon (C) and nitrogen (N) pools, and
microbial activity are highest (Hansen et al., 2023; Mueller et al., 2015; Pombubpa et al., 2020).
In dryland soils with high pH and generally low soil moisture, saprotrophic fungi express
oxidative enzymes (i.e., phenol oxidases and peroxidases) both intracellularly to synthesize cell
protective compounds (described below), and extracellularly to degrade lignin, cellulose, and
other soil organic matter components to acquire essential nutrients (Sinsabaugh, 2010).
Additionally, mycorrhizal fungi that obligately associate with plant roots can secrete different
organic acids, proteins and enzymes to access soil organic N and phosphorus (P) and transfer
them to host plants (Hodge et al., 2000). Studies of dryland fungi also indicate that fungal
metabolism can dominate N transformation reactions, particularly denitrification and the
production of N2O from soils (Crenshaw et al., 2008; McLain & Martens, 2006), and fungi may
play key roles in N cycling processes in some arid environments (Marusenko et al., 2013). In
drylands, just as in other ecosystems, soil microbial communities are arguably the most

important drivers of biogeochemical cycling, and fungi undoubtedly serve important functions in



these cycles of soil C and N decomposition, turnover, and transfer (Collins et al., 2008; Rudgers

etal., 2018).

Adaptations

Fungi have several key adaptations for withstanding environmental stressors such as low
water availability and periodic drying/rewetting in dryland soils (Schimel 2018). They display a
high degree of phenotypic plasticity and have diverse morphology which allows them to respond
quickly to changing availability of soil moisture and nutrient substrates, especially in habitats
with patchy resource distribution (Dighton, 2018). Some xerophytic fungi can function at lower
soil water potentials than either plants or bacteria (Table 1), which makes them uniquely
responsive to even small moisture inputs (Allen, 2007; Ndinga-Muniania et al., 2021). Fungi also
have a suite of physiochemical adaptations for cell protection and osmoregulation that may be
particularly relevant in drylands, including protective molecules like melanin, mycosporines, and
carotenoids; osmoregulatory solutes like glycerol, erythritol, and mannitol; and surface-active
proteins (hydrophobins), all of which maintain cell integrity and preserve internal solute
concentrations while tolerating periods of extreme abiotic stress from temperature, pH, and/or
osmotic conditions (Gostincar et al. 2012; Schimel et al. 2007; Sterflinger et al. 2012). Melanin
production in cell walls has been hypothesized to be a key functional trait contributing to water
and UV stress tolerance in various fungal lineages (Fernandez & Koide, 2013), and may prevent
cell damage from multiple types of radiation that would destroy the cellular structure of other
organisms (Dadachova & Casadevall, 2008). At the soil surface, particularly in hot deserts with
high levels of UV radiation, these protective molecules may contribute to the survival of various

fungal taxa and allow them to persist under extreme environmental stress.



Fungi also have diverse morphological adaptations and growth forms, and filamentous
taxa with multicellular, branched hyphal networks can facilitate acquisition and cycling of water
and dissolved nutrients in dryland soils (Porras-Alfaro et al., 2011). For example, once a water
molecule is taken up by a hydrophilic hyphal tip, it is protected from external soil conditions
within hydrophobic, multilayered cell walls that prevent desiccation (Allen 2007; Allen 2009),
and hyphal networks can draw water along the outside of hydrophobic cell surfaces via surface
tension (Allen, 2007). Mycorrhizal hyphae have also been found to translocate hydraulically
lifted water from tree roots into surrounding soils (Querejeta et al. 2003). Relatively small hyphal
diameters (>1.5 um; Teste et al., 2006) allow for access to water and minerals from within rock
matrices and soil pore spaces which plant roots cannot penetrate, and hyphae may also bridge
gaps across soil pores in dry soils, which could facilitate water and nutrient movement even
under extended drought conditions in drylands (Allen 2011).

Finally, diverse fungal lineages have adapted a multitude of reproductive strategies
(Warren et al., 2019). For example, pathogenic fungi can survive on multiple hosts during
different phases of their life cycle and survive in a dormant state in the soil via the production of
resistant spores which germinate when environmental conditions are favorable (Hajek et al.,
2018). Systemic endophytes found in tissues of ~20-30% of all grass species can be vertically
transmitted via infected inflorescences to seeds and horizontally transmitted via asexual (e.g,
epiphyllous conidia) or sexual propagules (e.g., ascospores; Rodriguez et al. 2009). Some
dryland fungi form thick-walled, melanized cell aggregations and others may grow in
microcolonies where individual cells serve as vegetative propagules, thus eliminating the

energetic expense of spore production (Sterflinger et al., 2012; Taylor & Sinsabaugh, 2015).



Table 1.1 Soil moisture potential limits on activity of different organisms, ordered from least to
most tolerant of dry soil conditions.

Organism
Nitrifying bacteria

Vascular plants

Gram negative bacteria
Gram positive bacteria
(Actinobacteria, Firmicutes)
Ectomycorrhizal fungi
Basidiomycete decomposers

Arbuscular mycorrhizal fungi

Ascomycete (xerophilic) fungi

Arbuscular Mycorrhizae

Growth limits
-0.6 MPa
-1.5 MPa

-2 MPa

-2 to -10 MPa

-3 MPa

-4 to -7 MPa

-3 10 -21 MPa

-7 to -60 MPa

Reference
Stark & Firestone 1995

Ratliff et al. 1983
Savage et al. 1996

Freckman 1986

Griffin 1981
Fierer et al. 2003
Zenova et al. 2007

Coleman et al. 1989
Fernandez & Koide 2013

Griffin 1977
Dix 1984

Allen et al. 1989
Jasper et al. 1989

Magan & Lynch 1986
Williams & Hallsworth 2009

The diversity and abundance of fungi in drylands, like other terrestrial ecosystems, is also

influenced by their associations with living plants. Several biotrophic fungal groups are found

within tissues of dryland plant species, and | will start by describing the better-known root

associates known as arbuscular mycorrhizal fungi or AMF (Phylum Glomeromycota). AMF are

obligate symbionts that rely on living plant hosts for nutrition and form associations with ~80%

of plant species (Johnson 2010). AMF hyphae penetrate root cortical cells via specialized

infection structures (e.g., appressoria) and form an intraradical mycelium with characteristic

intercellular branched structures called arbuscules where they bidirectionally exchange nutrients

from the soil environment for photosynthetically derived carbon from plants (Allen 2009). AMF

proliferate via aseptate (coenocytic) hyphae which are distinguishable by a lack of septa or
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partitions dividing their hyphal cells and can store carbon in lipids, vesicles and hyphal coils
within the intraradical mycelium (Smith & Read 2008). AMF can be transmitted horizontally
between plants via the production of thick-walled, multinucleate spores, which can persist in soil
surface layers and germinate in response to specific host plant exudates (Camargo-Ricalde et al.
2021; Requena et al. 2007). AMF also form an extraradical mycelium which can constitute a
substantial proportion of soil microbial biomass in some environments, and these hyphae can
produce exoenzymes to solubilize soil P complexes and to mineralize organic N such as proteins,
peptides and amino acids, as well as compounds (i.e., glomalins) which aggregate soil particles
(Johnson et al. 2010; Fierer et al. 2012). Mycorrhizae may transform organic N into inorganic
forms before transferring it to host plant roots (Govindarajulu et al., 2005; Moe, 2013) and are
significant conduits for C fluxes from plants to soils (Johnson et al., 2002). Some studies in
semiarid grasslands have shown that AM fungi are abundant and ubiquitous in plant roots
(Johnson et al. 2003, Allen et al. 1981), while others have found this group to be rare in
comparison to other root-colonizing fungal endophytes (see below section; Barrow 2003, 1997,
Porras-Alfaro et al. 2007, 2011, Green et al. 2008). Due to their expansion of the surface area
and uptake capacity of roots, and their roles in transporting nutrients from the soil matrix to
plants and among neighboring plants, AMF may play an important role in assisting plant
acquisition of water and nutrients from nutrient-limited dryland soils (van der Heijden et al.
2015; Allen 2007).
Endophytes

In addition to mycorrhizal fungi in Glomeromycota, fungal endophytes belonging to
Ascomycota and Basidiomycota are found in living tissues of most vascular plants, where they

colonize intracellular spaces of root, stem and leaf cells alongside other endophytic microbes



including bacteria, microalgae, and protozoa (Porras-Alfaro and Bayman 2011; Baron and
Rigobelo 2022). A polyphyletic group of facultative, root-associated fungi are the so-called
“dark septate” endophytes or DSE, which are distinguished visually from other root inhabiting
taxa by the presence of darkly pigmented, melanized, septate hyphae (Mandyam and Jumpponen
2005). These diverse fungi are facultative biotrophs that associate with ~600 plant species across
the world and are prevalent in the roots of dryland plants (Porras-Alfaro and Bayman 2011) as
well as found abundantly in dryland soil microbial communities (Bates et al. 2010). DSE form
inter- and intracellular hyphae which grow between cortical and epidermal cells as well as on the
root surface and into surrounding rhizosphere soil (Rodriguez et al. 2009; Barrow 2003). Dark-
septate root endophytes also form intracellular microsclerotia, or dense, melanized clusters of
thick-walled cells, but notably lack specialized structures for nutrient exchange such as
arbuscules (Jumpponen and Trappe 1998). DSE are rarely known to form a teleomorphic
(sexual) reproductive stage and reproduce via asexual conidia and hyphal fragments, although
some can also form round chlamydospore-like cells within the root cortex (Rodriguez et al.
2009; Knapp et al. 2018). DSE are ubiquitous and prevalent in roots of grassland plants around
the world (Romero-Jimeénez et al., 2022; Rudgers et al., 2022), and prior studies have found high
levels of root colonization in environments such as alpine, arctic, and arid ecosystems where they
may facilitate greater stress tolerance to host plants (Kivlin et al. 2013; Mandyam and
Jumpponen 2005; Li et al. 2018). In dryland ecosystems, these symbionts may affect the
responses of plant communities to increased warming, drought, precipitation variability and
other environmental stressors, and a better understanding of the dynamics between DSE and
AMF within host plants and in soils are still needed (Bueno de Mesquita et al. 2018; Mack and

Rudgers 2008).



Biological Soil Crusts

The distribution of soil fungi in drylands can be spatially heterogeneous, and their
diversity, functioning, and activity depends on water availability as well as soil microsite
characteristics (Austin, 2011; Ladwig et al., 2021; J. Zhang et al., 2023). Across global drylands,
microbial diversity is concentrated in the topmost layers of soil due to the presence of biological
soil crusts (biocrusts), which are consortia of micro- and macroscopic organisms including algae,
cyanobacteria, fungi, bacteria, mosses and lichens that mediate nutrient inputs, outputs and
exchanges in surface soils (Weber et al., 2022). Biocrusts contribute significantly to dryland net
primary production and N-fixation and influence worldwide nutrient cycling patterns as they are
estimated to cover 12% of Earth’s land surface (Elbert et al. 2012; Rodriguez-Caballero et al.
2018). In addition to increasing surface soil fertility through C and N fixation, biocrusts affect
the stability of surface soils which in turn controls erosion, water infiltration, seed germination
and the capture and retention of nutrients from dust and organic matter (Belnap et al., 2016).
Biocrust Fungi

Biocrusts are hotspots for biodiversity and often support large communities of free-living,
lichenized, and mycorrhizal fungi across spatial scales as well as different biocrust successional
stages (Bates et al. 2012; Steven et al. 2015; Warren et al. 2019). Ascomycete fungi are the most
common fungal biocrust constituents across broad biogeographic regions, including DSE taxa
(Order Pleosporales) and other diverse fungal classes (e.g., Dothidiomycetes and
Sordariomycetes). Both culture-based and fungal sequencing studies have consistently
demonstrated the prevalence of DSE fungi in biocrust surface soils, which often make up 60-
80% of identifiable taxa (Aanderud et al., 2018; S. T. Bates, Garcia-Pichel, et al., 2010; Ndinga-

Muniania et al., 2021; Porras-Alfaro et al., 2011; T. Zhang et al., 2016). Basidiomycete taxa are



also commonly found across biocrusts, including saprotrophic taxa that are important
decomposers of lignin, cellulose and other soil organic matter (Hudson et al., 2015) and there is
at least some evidence of potentially ectomycorrhizal taxa, though they are likely low in
abundance (Pombubpa et al., 2020; T. Zhang et al., 2016). AMF have received relatively less
attention as biocrust constituents but are also detected in surface soils through use of
phospholipid fatty acid analysis (PLFA; Omari et al. 2022), microscopic evaluation of soil spore
abundance (Camargo-Ricalde et al. 2021), and DNA sequencing with AMF-specific primers
(Hernandez-Hernandez et al. 2017). It is likely that these and other filamentous fungi contribute
to microbial biomass, soil aggregation, and nutrient exchanges within biocrusts, but the precise
functional roles of biocrust fungi are not well-defined (Bates et al. 2012; Maier et al. 2016).There
is some evidence of geographic similarity in biocrust fungal community composition,
particularly in lichen-dominated biocrusts within the same ecoregion (Bates et al. 2010; Bates et
al. 2012; Pombubpa et al. 2020), and multiple studies have observed higher bacterial vs. fungal
biomass and diversity (Bates et al. 2010; Mueller et al. 2015; Hansen et al. 2023; Steven et al.
2014), but more comparative studies are needed to betters understand the potential roles and

interactions of biocrust-associated fungi.

DRYLAND NUTRIENT CYCLING

At a broader scale, the roles of dryland fungi, soil microbes, and plants in biogeochemical
cycling are entwined with larger ecosystem functions in drylands, which are also considered in
this dissertation. In dryland soils, variable inputs of water and organic matter also drive high
spatial and temporal heterogeneity of essential compounds such as carbon (C), nitrogen (N) and

phosphorus (P), and annual net primary productivity (ANPP) is considered co-limited by both



water and N availability (Hou et al. 2021; Schlesinger et al. 1996; Hooper and Johnson 1999).
Dryland N limitation arises due to a number of interconnected biotic and abiotic factors:
aboveground organic matter inputs are minimal due to photodegradation, wind erosion, and
macrodetritivory, which remove litter before it can be redistributed and broken down in the soil
(Collins et al. 2008; Throop and Archer 2009). Belowground nutrients also accumulate slowly
because of soil characteristics such as high pH and low moisture content, which supports high
oxidative enzyme potentials and prevents stable soil organic matter complexes from forming
(Stursova et al. 2006; Sinsabaugh 2010). Soil N availability for plant uptake following a
precipitation pulse is largely regulated by microbial processes, and bacteria and fungi can rapidly
initiate N transformations like mineralization, ammonification, nitrification, and denitrification
following soil rewetting (Krichels et al. 2022; Jackson et al. 1989; Huygens et al. 2016).
However, the generally low availability of water and the asynchrony of precipitation inputs can
also decouple microbial N mineralization from plant uptake (Augustine and McNaughton 2004),
resulting in potential ecosystem N losses due to leaching and/or gaseous N emissions from soils
(Leitner et al. 2017; Dijkstra et al. 2012; Brown et al. 2022).
The Fungal Loop Hypothesis

In dryland ecosystems, drought-tolerant, biocrust-associated fungi that also colonize plant
roots have been hypothesized to form biogeochemical bridges that exchange nutrients and water
between primary producers, an idea known as the “fungal loop hypothesis” (Collins et al. 2008;
Green et al. 2008). Underlying this hypothesis are several lines of evidence in regard to dryland
fungi, including the following assumptions: (i) due to their roles in N transformation in dryland
soils, fungi rather than bacteria may dominate dryland nutrient cycling processes (H. Chen et al.,

2015; Crenshaw et al., 2008; McLain & Martens, 2006). Due to their physiological and



metabolic adaptations for drought tolerance ((Allen, 2011; Stevenson et al., 2015), hyphae of
dryland fungi may be (ii) active under dry conditions and/or (iii) more efficient at moving water
and nutrients through dry soils compared to physical soil processes alone. Finally, (iv) fungi
found in surface soil biocrust communities share some degree of similarity with DSE taxa that
heavily colonize grass roots (Bates et al. 2012; Collins et al. 2008; Green et al. 2008), and taxa
found in biocrust soils as well as plant roots could potentially be functionally integrated and may

facilitate water and nutrient exchanges between the two producers.

DISSERTATION SUMMARY

To address some of the topics set out above, the overarching goal of this dissertation is to
investigate the existence of connections between plants, fungi, and biocrusts and their
importance in nitrogen (N) cycling and movement in grassland ecosystems in the Northern
Chihuahuan Desert. In the following chapters, | provide a better understanding of several aspects
of plant and microbial nutrient dynamics and begin to explore the mechanisms by which fungi
might recouple critical nutrient cycling processes in these ecosystems by testing several of the
mechanisms underlying the fungal loop hypothesis (outlined above). Here, | present three
research studies that address nitrogen movement and uptake processes in dryland plants and
microbes within a semiarid grassland ecosystem. Chapter 2 compares short-term N acquisition
by different plant functional types and reviews the limited background literature describing
dryland plant N uptake processes while testing assumption (iii) by providing clearer context for
the expected rates of plant N uptake in absence of fungal translocation through soil. Chapter 3
explores the similarities and differences among fungi found in biocrust soils and roots of a

dominant grass species and measures their responses to multiple global change factors while
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testing assumption (iv) that taxonomic overlap in biocrust and root fungi could indicate potential
functional overlap. Chapter 4 explicitly examines the role of fungal hyphal networks in
connecting spatially separated biocrust and plant patches and tests assumptions (i-iii) to better
understand the abiotic and biotic conditions under which fungi may mediate plant N uptake from
surface soil communities. Altogether, this dissertation explores the various roles of plants and
fungi in nutrient movement within drylands, and their responses to increased variability in N and
water availability under predicted global change. The research presented here provides novel
insights into rates of N movement and uptake by dryland plants and evaluates the diversity and
functioning of dryland fungal communities and their potential importance in connecting nutrient

cycling processes in these globally important ecosystems.
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Chapter 2: Rapid foliar uptake of inorganic and amino acid nitrogen in three dryland
plant species

ABSTRACT
Dryland primary production is often nitrogen (N) limited due in part to spatiotemporal
decoupling of soil nutrient availability and plant uptake. Our aim is to quantify inorganic and
organic N uptake at daily timescales to compare short-term nutrient acquisition patterns among
dryland plant species. We assessed N uptake in three commonly co-occurring perennial plant
species from a Chihuahuan Desert grassland (a C4 grass, Cs grass, and Cs subshrub). In the
greenhouse, we applied '’N-ammonium, nitrate, or glutamate tracers to plant roots and quantified
uptake and recovery in leaves after 12, 24, and 48 h. Plants took up inorganic and amino acid N
to leaves as rapidly as 12 h following application, and uptake more than doubled between 24 and
48 h. Inorganic N uptake was 3-4x higher than glutamate in all three species, and plants took up
ammonium and nitrate at 2-3x faster rates overall. On average, Bouteloua eriopoda had the
highest inorganic N recovery and uptake rates, while Gutierrezia sarothrae had the highest
glutamate uptake over time. Achnatherum hymenoides uptake was ~50% lower than the other
two species after 48 h. Plants showed similar patterns of short-term foliar uptake and recovery
indicating a lack of niche partitioning by N form among the three dryland species measured. Our
results support that soil inorganic N, particularly nitrate, may comprise a greater proportion of
plant N nutrition than amino acid-N and may be more widely exploited following a precipitation

pulse in this habitat.
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INTRODUCTION

In dryland ecosystems, aboveground primary production is constrained by the episodic
availability of soil water and nitrogen (N) for plant uptake (Hooper & Johnson, 1999; Reichmann
et al., 2013; Yahdjian, 2011). The amount and forms of plant-available soil N are restricted
by low organic matter inputs (Hou et al., 2021; Stursova et al., 2006), high gaseous N losses
(Homyak et al., 2016; Leitner et al., 2017; Whitford & Duval, 2019), and seasonal soil moisture
fluctuations which impact rates of soil N cycling processes (Austin et al., 2004; Hartley et al.,
2007; Lajtha & Schlesinger, 1986; Reynolds et al., 2003). Additionally, microbial N
transformations (e.g., mineralization and nitrification) can happen within minutes following soil
rewetting (Jackson et al., 1989; Krichels et al., 2022), and bioavailable sources of N can be
depleted or lost to the atmosphere within < 24 hours of a precipitation event if plant uptake is
decoupled from microbial release (Brown et al., 2022; Collins et al., 2008; Schimel & Bennett,
2004). Thus, knowing when and how rapidly different plants acquire different soil N forms for
growth is important to understanding patterns of N availability and loss in dryland soils (Homyak
et al., 2016).

Numerous studies indicate that roots of both mycorrhizal and non-mycorrhizal plants can
acquire multiple forms of soil N, including inorganic compounds such as nitrate (NO3") and
ammonium (NH4"), as well as dissolved organic N forms like amino acids, peptides, and proteins
(Daly et al., 2021; Farrell et al., 2013; Hill & Jones, 2019; Smith & Chalk, 2021; Warren, 2014;
Wilkinson et al., 2015). For agricultural plant species, N uptake and recovery are well detailed
and have been previously reviewed (Engels & Marschner, 1995; Farzadfar et al., 2021; Glass,
2003; Smith & Chalk, 2020; Vidal et al., 2020), but these rates are difficult to compare with

dryland species since most agroecosystem-based experiments use irrigated crop plants and often
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apply N fertilizers to soils at higher concentrations than what would be found in natural systems
(Farzadfar et al., 2021; Jones et al., 2009). In non-cultivated plant communities, plant uptake of
free amino acids can be significantly greater than inorganic N from soils (Bueno et al., 2019; Hill
et al., 2011; Li et al., 2016; Nasholm & Persson, 2001), and soil organic N can make up a
significant portion of plant nutrition in seasonally N-limited arctic, boreal and alpine ecosystems
(Lipson & Nisholm, 2001; Miller & Bowman, 2003; Nisholm et al., 2009; Schimel & Chapin,
1996). Compared to these more mesic habitats, there is limited information on the concentrations
and relative contribution of soil organic N to dryland plant N nutrition. Few comparative studies
of dryland plants have generally found higher recovery and 1.5-5x greater rates of inorganic N
uptake compared to amino acids like glycine (Aanderud & Bledsoe, 2009; Jin & Evans, 2010;
Ouyang et al., 2016; Yang et al., 2022; Zhuang et al., 2020), although experimental methods and
species vary. Understanding the limitations on soil N availability as well as the patterns of
dryland plant N uptake may ultimately expand our knowledge of how resource-limited plants
adapt different strategies for acquiring soil N and contribute to a better understanding of N
cycling processes and ecosystem functioning in drylands.

In addition to gaining a more complete picture of the dryland N cycle, another reason to
understand plant N uptake patterns is the potential for resource partitioning, or complementary
uptake of different chemical N forms by different species, which has been suggested as one way
for plants to maximize resource capture and species diversity in soils with limited N resources (J.
Chen et al., 2015; Huygens et al., 2016; Jin & Evans, 2010; Ouyang et al., 2016). However, there
is mixed evidence to support this phenomenon in drylands. Several soil-based dryland
experiments found low relative uptake of amino acid-N tracers into plant tissues compared to

inorganic N, which was attributed to strong microbial competition for organic N rather than
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niche specialization among species (Chen et al., 2015; Huygens et al., 2016; Jin & Evans, 2010;
Ouyang et al., 2016). An alternate understanding of resource use by N-limited plants is that co-
occurring species exhibit niche plasticity — rather than specialization — and can take up multiple
forms of N from shared soil pools wherever and whenever they are available (Chalk & Smith,
2021; Chesson et al., 2004; Hong et al., 2017; Miller & Bowman, 2002; Stahl et al., 2011).
Differences in dryland plant uptake of NH4", NO3’, and amino acid-N are more likely to be
driven by individual growth strategies and competition for spatiotemporally variable local N
sources than by species-specific “preferences” for N (Chalk & Smith, 2021; Chesson et al., 2004;
Hong et al., 2017; James et al., 2009; James & Richards, 2007; Patrick et al., 2009; Stahl et al.,
2011), and it is possible that dryland plant species may exhibit resource use plasticity, but more
comparative studies of N uptake dynamics among species with different growth strategies are
needed, especially if soil water and nutrient uptake are asynchronous following a moisture pulse
to these systems (BassiriRad & Caldwell, 1992b; Gebauer & Ehleringer, 2000).

To explore dryland plant N uptake capabilities, we here investigate the timing of root-to-
leaf N uptake in 2 perennial grasses and 1 subshrub species from a semiarid grassland-shrubland
transition zone in the Northern Chihuahuan Desert. We conducted a greenhouse experiment to
compare N uptake of N-labeled ammonium (NH4"), nitrate (NO5"), and glutamate (an amino
acid) over 12 to 48 hours. Our study examined three main questions: (1) How rapidly do these
dryland plants take up available soil N? Based on prior studies, we predicted that 24 h would be
sufficient for observing foliar N uptake as other studies have documented increased
photosynthetic response, leaf transpiration, and root proliferation within 24 h following natural
and experimental precipitation events in drylands (Gebauer et al., 2002; Lauenroth et al., 1987;

Sala & Lauenroth, 1982; Thomey et al., 2011). Prior experiments have also observed that 48 h (2
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days) is a reasonable measured limit after which evapotranspiration and soil diffusion rates (and
thus root N influx) decline in dryland grassland communities (Ivans et al., 2003; James &
Richards, 2006; Kurc & Small, 2004). (2) Does leaf N uptake differ among inorganic and amino
acid N forms? We hypothesized that N uptake patterns would reflect the plant-available soil N
pool in this habitat, which is dominated by ammonium over nitrate in the uppermost layers where
plant roots are located (Adelizzi et al., 2022; Brown et al., 2022; Kurc & Small, 2004), and that
both NHs" and NO3 would be taken up at greater rates than glutamate based on our review of
past comparative studies which demonstrated greater inorganic versus amino acid N uptake
(Bueno et al., 2019; Kuster et al., 2016; Thornton & Robinson, 2005; Yang et al., 2022; Zhuang
et al., 2020). (3) Do plant species differ in the rate or form of short-term N uptake? We expected
that individuals of all three species in this study would ultimately transport similar amounts of
5N to leaves within 12 — 48 h based on evidence from prior dryland '°N tracer experiments that
reported recovery of NHs", NO3", and amino acid-N forms in leaves of similar perennial grass
and woody shrub/subshrub species < 72 h following application of water and N (Aanderud &
Bledsoe, 2009; BassiriRad et al., 1999; Carvajal Janke & Coe, 2021; Ivans et al., 2003; James et
al., 2008; Zhuang et al., 2015, 2020). Finally, much of the key background literature comparing
inorganic and organic N uptake among different plant functional types comes from studies
performed in non-dryland ecosystems such as temperate grasslands (Bardgett et al., 2003;
Nésholm et al., 2000; Weigelt et al., 2003; Wilkinson et al., 2015) and tundra ecosystems
(Ashton et al., 2008, 2010; McKane et al., 2002; Miller & Bowman, 2003; Miller et al., 2007;
Nésholm et al., 2009). Thus, to add context to the methods and results of our study, we also
compiled published data from experiments that specifically measured N uptake in dryland plant

species.
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METHODS
Site description

We studied two grassland locations within the Sevilleta National Wildlife Refuge
(SNWR) in central New Mexico, USA. Mean annual precipitation at the SNWR is ~250 mm,
with two distinct growing seasons: Cs shrubs and forbs in the spring, and C4 grasses during the
summer monsoon (July-September) when more than half of annual precipitation occurs (Notaro
et al., 2010; Pennington & Collins, 2007). Soil pH is basic (> 8). Total soil N pools at SNWR are
20 g m2, (Collins et al., 2010), and atmospheric N deposition occurs at an average rate of 0.2 g
m™ yr'! at this site, with over half (57%) deposited as NH4" (Burnett et al., 2012; Gibbens &
Lenz, 2001; Kurc & Small, 2004). Previous N fertilization experiments indicated that N can be
limiting to primary productivity in grasslands at this site (Baez et al., 2007; Collins et al., 2010;
Muldavin et al., 2008).
Species descriptions

We sampled three species within the SNWR: Bouteloua eriopoda (Torr.) Torr. (black
grama), Achnatherum hymenoides (Roem. & Schult.) Barkworth (Indian ricegrass), and
Gutierrezia sarothrae (Pursh) Britton & Rusby (broom snakeweed). These plants overlap within
grassland ecotones at SNWR, where graminoids and sub-shrubs make up >75% and 13% of
ANPP, respectively (Muldavin et al., 2008; Peters & Yao, 2012; Thomey et al., 2014). These
three species also differ in physiology and phenology, and thus may have distinct growth
demands and nutrient acquisition strategies. Among the two perennial grass species, B. eriopoda
is a long-lived, stoloniferous Cs grass with fibrous, finely divided roots concentrated in the upper

5 — 10 cm of soils (Burnett et al., 2012; Gibbens & Lenz, 2001; Kurc & Small, 2004), and
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Achnatherum hymenoides, an early-season Cz bunchgrass, grows fibrous roots up to 0.8 — 1.5 m
below the soil surface (DeFalco et al., 2007; Reynolds & Fraley, 1989; Yoder et al., 2000). G.
sarothrae is a woody, perennial Cz subshrub with a taproot extending as far as 1-2 m below the
soil surface that allows for rapid subsoil water uptake (Gibbens & Lenz, 2001; Wan et al., 1995).
Within grasslands at SNWR, B. eriopoda is considered a foundation species and has decreased in
abundance under N fertilization treatments (Ladwig et al., 2012). A. hymenoides reaches the
southernmost limits of its range in mixed grasslands at SNWR (Muldavin et al. 2008), and has
not shown strong responses in aboveground cover or foliar N content in N fertilization
experiments from the Colorado Plateau (Osborne et al., 2022; Petersen et al., 2004; Phillips et
al., 2021). G. sarothrae is a sub-dominant species found throughout B. eriopoda-dominated
grasslands that has shown marginal cover increases in response to N fertilization at 2g N m2 yr?
(Collins et al., 2010; Ladwig et al., 2012; Muldavin et al., 2008; Thomey et al., 2014). In this
habitat, belowground resource competition during the growing season is likely highest in the
uppermost 10 — 20 cm of soils where extensive intermixing of grass and shrub roots can occur
(Caldwell et al., 1991; Casper & Jackson, 1997; Gibbens & Lenz, 2001; Kurc & Small, 2004;
Ogle & Reynolds, 2004; Thomey et al., 2011).
Plant collection

On February 3%, 2017, we collected 25 individuals of B. eriopoda, 75 individuals of G.
sarothrae from a Chihuahuan Desert grassland site (34.338 N, -106.735 W, 1605 m), and 25
individuals of A. hymenoides from a Great Plains/Chihuahuan Desert grassland ecotone site
(34.404 N, -106.683 W, 1560 m) within the SNWR. We sampled prior to the start of the spring
growing season while plants were still senescent to reduce transplant shock. We selected

vegetative individuals < 30 cm in height to better facilitate individual growth in pots, and we
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attempted to extract the major roots of each plant up to ~20 cm below the soil surface. Any
loosely attached rhizosphere soil was gently shaken from roots prior to potting. Immediately
following field collection, we transplanted plants into D40L Deepots (7 x 25 cm, 656 mL,
Stuewe & Sons, Tangent, OR, USA) using a 1:1 mixture of sand and Metro-Mix® (SunGro,
Agawam MA, USA). Each individual B. eriopoda and A. hymenoides bunchgrass was split into
three different pots so that genetically identical individuals would receive an addition of each '°N
tracer (see section below), and grasses were trimmed to the crown to remove past season leaves.
Greenhouse set-up

We divided up the total individuals of each species to be maintained in greenhouses at the
University of New Mexico (150 pots) and the University of Texas at El Paso (75 pots). Plants in
both greenhouses had identical supplemental overhead lighting (10 h light, 14 h dark) and were
hand-watered to soil water holding capacity 1-3 times per week for ~6 weeks following harvest
to stimulate growth. Of the total plants collected (N = 225 individuals), 60 of B. eriopoda, 63 of
A. hymenoides and 42 of G. sarothrae (N = 165) plants survived to tracer application (see next
section). We positioned pots in trays > 20 cm apart so that no leaves touched between
individuals. Prior to tracer application, we removed each individual from their pot and gently
wrapped aluminum foil around all roots and soils below the stem to better constrain the contents
of the pot while accessing the roots. A small opening was left at the bottom of each aluminum
wrap for water to drain, and wrapped plants were placed back in their respective pots. One day
prior to tracer application, we watered all pots to free drainage and collected green leaf samples

to measure natural abundance of stable isotopes for each species.

19



5N tracer application

Plants were randomly selected to receive one of three '°N-labelled isotopic tracers (all at
98 atom % !°N): i) ammonium chloride ("’NH4Cl); ii) potassium nitrate (K'>NO3); or iii) L-
glutamic acid (HO>C(CHz),CH(!*NH)CO,H; Sigma-Aldrich, Inc., St. Louis MO, USA). Each
solid '°N tracer was mixed into 25 mL of Milli-Q® purified water (MilliporeSigma, Burlington,
MA, USA) to create three aqueous solutions at the following concentrations: 0.057 M "NH4ClI,
0.057 M "*N-glutamate (both 0.43 mg >N per plant), or 0.048 M of K’NOs (0.36 mg >N per
plant). While the latter was added at a slightly lower solution concentration (due to a minor
miscalculation), the mass of '°N detected in leaves indicated that the total amount of "NO5"
added per plant (0.36 mg) was enough to exceed the detection limits for each species. We chose
these !N solution concentrations to enable detection of plant uptake and allocation without
significantly exceeding background soil inorganic N concentrations measured in unamended
soils at this site (Table S2.3). Each individual plant received only one type of '*N tracer to avoid
the potentially inhibitory effects of combining chemical N forms (Miller et al., 2007; Thornton &
Robinson, 2005).

All N tracer solutions were applied to roots and rhizosphere soils between 8:00 — 9:00
AM. Immediately prior to tracer application, we securely covered aboveground stems and leaves
with a sealable plastic bag to prevent '°N solutions from inadvertently contacting leaf surfaces.
We then removed each plant from its pot, opened the aluminum foil wrap to access the roots, and
applied 0.5 mL of °N tracer solution directly to the outer surface of all visible roots and soils
using a 2.5 mL glass atomizer bottle. The aluminum foil wrap was then re-secured around the
roots to keep the soils in place before reinserting into pots, and the aboveground plastic bag was

removed and discarded.
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Sample collection and processing

We collected 5 leaves from each plant at 12, 24, and 48 hours post-application in order to
capture two day/night cycles when plant stomata would be open to facilitate transpiration-driven
water movement from roots to leaves. This timescale was chosen based on prior dryland
experiments that reported N recovery in leaves of similar species within 24 — 48 hours following
application of aqueous '°N tracer solutions to soils (Adelizzi et al., 2022; BassiriRad et al., 1999;
Green et al., 2008; Ivans et al., 2003; James & Richards, 2006). For some individuals, we could
not harvest sufficient leaf material at every time point (0, 12, 24, and 48 h) due to poor
aboveground condition and/or small size of leaves. At the end of the experiment, we clipped all
shoots, rinsed roots clean from soil using tap water, and separated above- and belowground
biomass for drying. All plant samples were dried for 3 d at 60 °C and then weighed to the nearest
0.1 mg following collection.

Leaf samples from each time point were ground for 24 to 32 h in 1.5 mL plastic
scintillation vials using stir bars to homogenize tissue. Approximately 4.5 mg of ground leaf
material was packed in aluminum capsules (CE Elantech, Lakewood, NJ) for '°N analysis.
Samples were analyzed at the Center for Stable Isotopes (University of New Mexico) on an ECS
4010 Elemental Analyzer and a Delta V Isotope Ratio Mass Spectrometer (Thermo Fisher
Scientific, Waltham, MA, USA), at the University of California-Davis Stable Isotope Facility
using a PDZ Europa ANCA-GSL elemental analyzer interfaced to a PDZ Europa 20-20 isotope
ratio mass spectrometer (Sercon Ltd., Cheshire, UK), or at the EaSI Lab in the Department of
Geological Sciences at the University of Texas at El Paso, in which samples were combusted
using a PyroCube® (Elementar, Langenselbold, Germany), followed by isotope analysis with a

continuous-flow isotope ratio mass spectrometer (IsoPrime GeovisION, Elementar,
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Langenselbold, Germany). Samples were sent to different facilities to increase data turnaround
time, and facility location had no significant influence on isotope values because standards sent
to each facility did not significantly differ in nitrogen content (N = 17; P = 0.18) among
facilities.
Response variables

Nitrogen isotope ratios were expressed in o notation (%o) using atmospheric N> as the
standard (Mariotti, 1983). Leaf samples collected prior to '°N tracer addition (Time 0) were used
to calculate natural abundance or background 8'°N values for each species (B. eriopoda, A.
hymenoides, and G. sarothrae) at each greenhouse location where plants were grown (see Table
2.1). We used the average 6'°N natural abundance values to estimate six “enrichment cutoff”
values by fitting a kernel density function to each set (one set per species X location; Warren &
Silverman, 1987) and selecting the 99.9™ percentile as the cutoff value. We chose a conservative
threshold for the cutoff estimate to be certain that the >N tracers we applied at the roots had
indeed been assimilated into aboveground tissues. We considered post-addition samples with
5'°N values above the respective species cutoff value to be “enriched”, and those with §'°N
values equal to or below the species cutoff as “unenriched”. For our analyses, we used a subset
of 220 enriched leaf samples out of the total 278 collected, excluding 23 Time 0 samples (leaves
collected prior to N tracer addition) and 35 non-Time 0 samples that were unenriched, or had
enrichment values below their respective species cutoff value.

For enriched samples only, we first determined the total mass of all N (Msampte) in leaves
using the following equation:

—o0
Msample - A’Nplant X a'dVVplant
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where %Nant 1 the average %N across all leaf samples of the same plant, and adwyplant is the total
aboveground dry weight (dw) of all leaf samples plus the final harvested biomass from the plant
(mg). We then determined the proportion of >N measured in each leaf sample (F) using the

following equation:

_ R
F_(1+R)

where R = sample §'°N value converted to atom %. We then calculated the total mass of '°N in
each post-addition sample (Miabeled) using the following equation (Robinson, 2001):

A/[labeled = Msample X F

We did the same for all leaves collected at Time 0 to calculate the total mass of N in each
natural abundance sample (Mbvackeround). We then subtracted Mpackground (M) from Miapeled (Mg) to
determine leaf N uptake, or the total mass of '°N recovered in leaves in excess of natural
abundance (mg '°N per g leaf dw). We converted this value to pug and then to pmol '°N by
dividing it by the atomic mass of N (14.0067 u) for ease of comparison with other studies.

To answer Question 1, we calculated the mean N uptake rate (umol >N per g dw per h)
by dividing leaf N uptake by time (h) since tracer addition for each sample, and then averaged
values across samples in each tracer, species, or tracer X species group to determine the speeds at
which plants took up applied '°N to leaves (Table 2.3, Table S2.1).

Other responses

For individuals that were sampled at all three post-addition time points, we calculated

percent (%) N recovery per plant using the following equation:

o N _ Total mass of "°N recovered in leaves 100
o TECOVEY = T otal mass of PN applied to plant
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where the total mass of '’N recovered in leaves equals the cumulative sum of leaf N uptake from
all samples collected from the same plant (mg), and the total amount of >N applied equals 0.43
mg (or 0.36 mg for plants given K°NO3).

We also calculated the percentage of leaf samples enriched for each !°N tracer X species
group by dividing the total number of enriched samples by the total number of samples collected
at each time point and multiplying by 100.

Table 2.1 Leaf natural abundance =+ standard error and calculated enrichment cutoff §'°N values
(permille, %o) for three plant species (B. eriopoda, A. hymenoides, and G.
sarothrae) maintained at two different greenhouse locations at the University of
New Mexico (UNM) or University of Texas at El Paso (UTEP). For G. sarothrae,

natural abundance §'°N values were only measured from plants at UNM, so one
cutoff value was applied for that species.

Plant Species Institution  Natural Abundance (%0) Enrichment Cutoff (%o)

Bouteloua eriopoda UNM 1.90 £1.01 8.63

UTEP 1.47 +£0.36 2.74

Achnatherum hymenoides UNM 0.25+£0.83 5.15

UTEP -0.17 £1.17 4.25

Gutierrezia sarothrae UNM -1.30+0.29 -0.06
Analysis

We performed all statistical analyses in R version 4.0.5 (R Core Team 2021). To answer
Questions 2 and 3, a linear mixed-effects (Ime) model was fit by maximum likelihood using the
‘Imer’ function in the /me4 package version 1.1-27 (Bates et al., 2015) to compare leaf N uptake
among different !N tracers and plant species over time. Response data were log-transformed in
order to improve the normality of residuals. The full Ime model included "°N tracer (3 levels:
NH4", NOs’, or glutamate), plant species (3 levels: B. eriopoda, A. hymenoides, or G. sarothrae),

and time point (3 levels: 12, 24, or 48 h) as categorical fixed effects, and plant genotype (n = 58;
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nested within plant species), and pot ID (n = 86; nested within plant species and genotype) as
random effects to account for repeated measures of the same plant genotype and individual.
The significance of main effects and interactions was assessed via analysis of deviance
Type II tests using the ‘Anova’ function in the car package version 3.0-10 (Fox et al., 2012).
Results were visualized using the visreg package version 2.7.0 (Breheny & Burchett, 2017) and
the amount of variance explained by our whole model was substantial (marginal R?= 0.29,
conditional R? = 0.88; see Table S2.2). We checked model fit by performing a backwards model
selection process where terms were sequentially removed and compared the reduced models to
the full model using analysis of variance (ANOVA) via the ‘anova’ function in the R stats
package version 4.2.2 (R Core Team 2022) and the Akaike Information Criterion (AIC). The
final model included all 3 fixed effects but removed the random effect of plant genotype, which
obtained statistically similar results to the full model (LRT: X?= 1.0, P = 0.32) with a slightly
smaller AIC value. Including time as a categorical vs. continuous variable did not significantly
affect model fit (LRT: X?= 8.7, P = 0.47), and results using categorical time are reported below
to allow for nonlinear change through time. We checked the normality of model residuals via a
Kolmogorov-Smirnov test using the ‘km.test’ function in the R stats package version 4.2.2 (R
Core Team 2022), which indicated that the residuals were normally distributed (D = 0.08, P =
0.13). We assessed homogeneity of variance across groups by performing a Levene’s test on
model residuals using the ‘leveneTest’ function in the car package version 3.0-10 (Fox et al.,
2012) and found that the assumption of equal variances was met for tracer (¥ =0.71, P = 0.49),
species (F = 0.40, P =0.67), and timepoint (¥ = 0.77, P = 0.46). We also checked the final
model for uniformity, over- and under-dispersion, outliers, and zero inflation (none detected) of

fitted vs. simulated residuals using tests within the DHARMa package version 0.4.5 (Hartig,
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2022). Post hoc pairwise comparisons of treatment means for main effects and interactions
among '°N tracer X time, species X time, and '°N tracer X species X time were performed in the
emmeans package version 1.6.1 (Lenth, 2021). P values were adjusted for multiplicity using the
Tukey method for comparing a family of 3 estimates, and all pairwise comparisons of means
used the Kenward-Roger degrees-of-freedom method and a 0.95 confidence level.
Literature search and review

To help place our results in context and compare broader trends of plant N uptake in
dryland habitats, we compiled existing data from 30 experiments in 28 published studies that
quantified uptake of inorganic and/or organic N tracers in uncultivated dryland plant species.
We used a combination of Google Scholar (https://scholar.google.com) and Connected Papers
(https://www.connectedpapers.com) to search for publications that included more than one
chemical N form and/or plant species from dryland ecosystems only. We derived study data
directly from main text data tables and figures and supplementary materials as necessary, using
ImagelJ (Schindelin et al., 2012) to determine values from graphical data. We report values from
20 soil-based experiments from field (n = 16), greenhouse (n = 2), and growth chamber (n = 2)
settings, and 10 laboratory assay experiments in which plant N uptake was quantified via
depletion of assay solutions by either roots of “intact” plants (those still connected to
aboveground tissues) or excised roots only. For experiments that measured plant N uptake from
soils, the application of >N tracer solutions occurred either at the soil surface (i.e., to biological
soil crust patches, or to the entire plot surface in a simulated rainfall event) or in the upper ~10
cm of soils, where solutions were injected directly into the soil at one or more points surrounding
a target plant. In studies that applied N at multiple soil depths (e.g., 0-5 cm and 5-10 cm), we

averaged values across depth. In solution-based experiments where solutions of varying N
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concentrations were used, we reported the median concentration (i.e., if solutions ranged from 0
to 1000 uM "N, we reported results from plants in 500 uM solutions only). Details on the
chemical form and concentration of N added were simplified by converting concentrations to
similar molar (M) units where possible. In studies that featured other experimental manipulations
(e.g., elevated CO», drought or warming treatments, etc.), we reported data from non-treated
control or ambient conditions only and averaged across technical replicates, if applicable. In
some studies, the authors combined results from NH4" and NOs™ applications although they were
applied to plants separately, and this is noted in Table 2.5.

We grouped data based on the most common N uptake responses measured across
studies: (i) percent N recovery, or the percentage (%) of '°N recovered in plant tissues out of the
total amount applied; (ii) N uptake rate, or the amount of '°N in excess of natural abundance per
gram plant dry weight (dw) per unit time, most often expressed as micromoles '°N per gram root
dw per hour; and (iii) aboveground plant §'°N values following isotopic tracer application,
expressed as permille (%o). Note that §'°N values alone are not directly comparable among
different studies without additional information about the total mass of the elemental N pool in
those study systems (Chen et al., 2015; Daly et al., 2021; Owen & Jones, 2001). If the amount of
foliar '’N recovery by mass (excess N) was the only result reported, we converted values to
micromoles '°N for ease of comparison and divided these values by the time since application to
calculate rates of N uptake per hour. In one case, we include N uptake rates measured in terms of
soil surface area (e.g., milligrams N per square meter per hour) instead of by plant mass (Jackson
et al., 1989). For studies using more than one N form, we also calculated two unitless ratios to
compare proportional N uptake and recovery among chemical forms (NH4" vs. NOs™ and

inorganic vs. organic N) regardless of addition amount. For studies that included at least one
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inorganic and one organic form, we divided inorganic N values (averaged across both NH4" and

NO3™ when applicable) by those from amino acid-N to calculate the inorganic:organic ratio.

RESULTS
How rapidly do these dryland plants take up available N?

Rapid N transport from roots to leaves occurred within 12 h of tracer application (mean +
SE leaf uptake at 12 h =0.27 = 0.05 pmol '°N g'! dw) and more than doubled between 24 h
(mean = SE = 0.34 + 0.07 umol N g! dw) and 48 h (mean = SE = 0.86 + 0.13 pmol °N g dw)
across all '°N tracers and species (time point main effect: X = 215.94, P < 0.001; pairwise
comparisons of 12 vs. 24 h: t =-4.71, P <0.001, and 24 vs. 48 h: t =-10.13, P <0.001; Table
2.2, Fig. 2.1). Overall minimum and maximum rates of N uptake ranged from 0.002 to 0.045
pumol N g! dw h! over the course of the experiment, and mean N uptake rates were ultimately
similar across 48 h for all species and tracer types (mean = SE = 0.017 £ 0.002 umol "N g! dw
h!; Table 2.3), matching our statistical model results which did not find a significant difference
in the three-way interaction of '°N tracer X Species X Time: X*>=2.73, P = 0.950; Table 2.2).
Mean percent N recovery after 48 h was 6.0 = 1.1% across all plant individuals, which was ~6x
higher at the conclusion of the experiment versus after 12 h post-application (mean = SE = 1.0 +

0.2%; Table 2.4).

Table 2.2 Results from generalized linear mixed effects ANOVA model testing for main and
interacting effects of "N tracer type (ammonium, nitrate, and glutamate), plant
species (B. eriopoda, A. hymenoides, and G. sarothrae) and time (12, 24, and 48h
post-application) on leaf N uptake. Significant predictors (P < 0.05, Type II Wald
Chi-square tests) are bolded.
Leaf N Uptake

Predictors df X P
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Leaf N Uptake (umol "*N g' plant dry weight)

I5SN Tracer 2 19.05 <0.001
Species 2 3.25 0.197
Time 2 215.94 < 0.001
5N Tracer X Species 4 1.79  0.774
I5N Tracer X Time 4 14.94 0.005
Species X Time 4 17.53 0.002
SN Tracer X Species X Time 8 273 0.950
N Tracer
Ammonium Nitrate Glutamate
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Fig. 2.1 Leaf N uptake (umol >N per g plant dw) over time (h) of '’N-enriched samples only (N
= 220) collected from individuals of B. eriopoda, A. hymenoides, and G. sarothrae
before and after application of one of three '°N tracers (ammonium, nitrate, or
glutamate) to root and rhizosphere soils. Grey lines connect samples from the same
plant individual while red lines show mean N uptake rates (ug '°N per g plant dw
per h) for each tracer and species group. The percentage (%) of leaf samples
considered N-enriched out of the total number of samples (#) for each '°N tracer X
species X time point group is displayed at the top of each panel.
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Table 2.3 Leaf N uptake (umol >N per g plant dw) and N uptake rate (umol '°N per g dw per h) for °N-enriched samples only (N =
220). Mean =+ standard error (SE) values are averaged across n samples for each 1°N tracer or plant species level, and overall mean is
averaged across the 3 post-addition time points (12, 24, and 48 h). Significant predictors (P < 0.050, Type II Wald tests) are bolded;

superscript letters indicate significant post hoc differences among levels (P < 0.05).

Leaf N Uptake (umol '°N g'! plant dw)

Levels n 12 24 48 Overall Mean N Uptake Rate
§ Ammonium?® 83 0.23 +0.07 0.26 £ 0.06 0.99 +0.20 0.53 +£0.09 0.017 £0.002
E Nitrate® 83 0.41 +0.10 0.59 +0.17 1.13+£0.27 0.70 £0.11 0.027 £ 0.004
2Z Glutamate® 54 0.10 £ 0.04 0.13+0.03 0.32 +0.09 0.19+0.04 0.006 = 0.001
" B. eriopoda® 57 0.34 +0.17 0.53+0.23 1.16 £ 0.33 0.73 +£0.16 0.024 +0.005
'é A. hymenoides® 88 0.20 = 0.07 0.26 £ 0.07 0.51+£0.10 0.33 £0.05 0.012 +0.002
? G. sarothrae® 75 0.33 £0.08 0.31£0.06 1.01 £0.23 0.56 = 0.09 0.020 + 0.003

Table 2.4 Percent (%) N recovery of NH4", NOs™, and glutamate in leaves of B. eriopoda, A. hymenoides, and G. sarothrae plants over
48 h. Mean and standard error (SE) values are averaged for species X '°N tracer combination across the 3 post-addition
time points for "*'N-enriched samples only (N = 220).

B. eriopoda A. hymenoides G. sarothrae

5N Tracer Mean Max Mean Max Mean Max
NH4" 3.79 £ 1.28 15.85 2.00 +0.52 10.22 1.81 £0.61 15.85
NOs” 8.36+3.42 47.96 2.91 +0.85 15.00 4.72 £1.00 23.44

Glu 0.85+0.28 2.16 0.76 £ 0.19 2.70 1.42 +0.45 9.12
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Does leaf N uptake differ among inorganic and amino acid N forms?

On average across species, plants took up 3-4x more of the two inorganic N forms (NH4"
and NOs") than the amino acid glutamate (!°N tracer main effect: X* = 19.05, P < 0.001; pairwise
comparisons of glu vs NH4": r=2.74, P=0.021; vs NOs™ ¢ = -4.39, P < 0.001) from roots to
leaves (Table 2.2). Across all species and timepoints, plants given NO3™ had the highest leaf N
uptake on average (mean = SE = 0.70 £ 0.11 pmol '°N g! dw), followed by NH4* (mean + SE =
0.53 £0.09 umol *N g'! dw), and then glutamate (mean + SE = 0.19 £ 0.04 umol >N g! dw;
Table 2.3). Plants took up 2-3x more NH4" than glutamate after 12 and 48 h on average (pairwise
comparison of NH4" vs. glu at 12 h: t=2.84, P=0.014; 24 h: t= 1.73, P=0.198; and 48h: ¢ =
2.81, P=0.017), and 3-4x more NOs™ than glutamate at every post-application time point
(pairwise comparisons of glu vs. NO3 at 12 h: t =-4.68, P < 0.001; 24 h: t =-3.73, P <0.001;
and 48 h: t=-3.44, P =0.002; Table 2.3, Fig. 2.2a). Similarly, plants transported NO3™ 3x faster
and NH4" 2x faster (mean rate for both inorganic N forms = 0.02 pmol >N g! dw h™!) than
glutamate, which moved at an average rate of 0.01 pmol N g™! dw h! across all species (Table
2.3, Fig. 2.1). Plants given inorganic N also had 2-4x higher percent N recovery than those given
glutamate and mean = SE and maximum N recovery, respectively, for each tracer type were
NH4": 5.1 = 1.2% and 16%; NOs™: 8.6 +2.2% and 48%; and glu: 2.2 + 0.6% and 9% at the
conclusion of the experiment (Table 2.4). The overall highest percent N recoveries were from
individuals given NOs" at the roots.

Do plant species differ in the rate or form of N uptake?

According to our model, plant species alone was not a significant predictor of the amount

of leaf N uptake (species main effect: X’ = 3.25, P = 0.197) when averaged across '°N tracers and

time (Table 2.2). However, some species-level differences emerged over time (species X time: X?
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=17.53, P=0.002), and N uptake for each species doubled on average across all tracer types
between 24 and 48 h (pairwise comparisons of 24 h vs. 48 h: B. eriopoda: t =-6.74, P < 0.001;
A. hymenoides: t =-5.14, P < 0.001; and G. sarothrae: t = -5.56, P < 0.001; Table 2.3, Fig.
2.2b). Overall, B. eriopoda N uptake increased the most over time with 3.4x higher uptake after
48 h compared to 12 h post-application (Table 2.3). Across all tracer types, B. eriopoda also had
~2-3x greater percent N recovery than A. hymenoides and G. sarothrae, and overall mean and
maximum N recovery, respectively, for each species were B. eriopoda: 12.2 £ 4.6% and 48%:; A.
hymenoides: 3.9 £ 0.8% and 15%; and G. sarothrae: 5.4 = 1.2% and 23% (Table 2.4).
Differential uptake among species were also apparent at individual time points. For example, B.
eriopoda and G. sarothrae individuals had similar N uptake amounts after 12 h, but B. eriopoda
tended to take up 1-1.5x more N (across all tracer types) after 24 and 48 h than G. sarothrae
(Fig. 2.2b), and A. hymenoides took up 1-2x less N than the other two species at 12, 24, and 48 h
post-application (Fig. 2.2b). B. eriopoda and G. sarothrae also had marginally faster N uptake
rates (mean value = 0.02 pmol N g dw h™'") than 4. hymenoides, which had a mean rate of 0.01
pumol N g dw h'! across all tracers (Table 2.3). Although the interactive effects of N form and
species were not considered significant predictors of N uptake in our model (!N tracer X species
P =0.774; Table 2.2), B. eriopoda plants given NO3™ had the overall fastest uptake rates (0.04 +
0.01 umol "N g dw h'!) and G. sarothrae plants took up glutamate ~2x faster than the other
two species. The three-way interaction of !N tracer X species X time was also not significant in
our model (P = 0.950; Table 2.2), however G. sarothrae took up 2.5-5x more glutamate than 5.
eriopoda and 1.6-2.5x more glutamate than 4. hymenoides at each time point, and the two grass

species took up similar amounts of NH4" and glutamate over time (Table S2.1). Overall, each of
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the three species followed a similar pattern of NO3 > NH4" > glutamate uptake over time (Fig.
2.1; see Table S2.1).

While we did not statistically compare the percentage (%) of leaf samples that were
enriched for each '°N tracer X species group over time (top of each panel in Fig. 2.1; see Fig.
S2.1), we also note some patterns that emerged among species. For G. sarothrae, plants had
100% of leaves enriched at nearly every timepoint across all N tracer types, except for plants
given NOjs after 12 and 48 h, which both had 90% of samples enriched. The percent of leaves
enriched for B. eriopoda plants given NO3™ also decreased from 86% to 78% between 12 and 24
h, but then increased to 100% after 48 h. This seemingly anomalous pattern is likely due to the
fact that most plants do not assimilate root N into all leaves in a consistent pattern (Chen et al.,
2015; Daly et al., 2021; Owen & Jones, 2001), and that we collected a different set of leaves
from each individual at each time point to account for this potential variation in leaf N uptake. B.
eriopoda plants given glutamate also had the overall lowest percentage of leaves enriched (13%)
after 12 h, and only 67% enriched after 48 h, which was ~40% lower than B. eriopoda plants
given NH4" and NO3” which had 91% and 100% leaf enrichment after 48 h, respectively. At each
time point, 4. hymenoides plants given glutamate also tended to have ~10-20% lower leaf
enrichment compared to those given inorganic N tracers, and A. hymenoides individuals given

NO; were 100% enriched at every time point.
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Fig. 2.2 Mean leaf N uptake + standard error (umol '°N per g plant dw) of (a) '°N tracer types
(ammonium, nitrate, glutamate) averaged across species, and (b) plant species (B.
eriopoda, A. hymenoides, and G. sarothrae) averaged across tracer types at each
time point measured (12, 24, and 48 h). Letters indicate significant post hoc
differences (P < 0.050) among (a) '°N tracers at each time point, and across time for
each 1N tracer type; and (b) species at each time point, and across time for each
species. Values are reported in Table 2.3.
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Literature review

All of the 30 dryland N uptake experiments we found included at least one form of
inorganic N (NH4" and/or NO3"). Nine experiments only compared both inorganic N forms
(NH4" and NO3"), 11 experiments only used one inorganic form (NHs" or NO3"), 3 experiments
used a combined inorganic form (NH4NO3), and 7 studies compared at least one inorganic N
form with an organic amino acid form (see Table S2.4 for study details). Percent N recovery
results reported from 8 soil-based experiments were the simplest response to compare across
studies with different methodologies, and we found that percent recovery of NH4" ranged from
1.2% to 73.5% (median = 12.5%) and of NO3" ranged from 0.8% to 85.1% (median = 30.8%;
Table 2.5) across 7 studies that injected each tracer individually into soils surrounding plants.
One study used '"NH4'*NOs and found 0.3% to 6.7% recovery in two subshrub species from 8 —
48 h (James & Richards, 2006). In experiments that compared inorganic and organic N uptake,
SN-glycine was the most widely used amino acid, and percent recovery of glycine ranged from
0.6% to 41.6% (median = 7.8%) across 6 studies. One experiment applied '*C-'’N-glutamate to
biocrust soil patches < 1 m away from perennial bunchgrass tussocks (Green et al., 2008) and
found 0.2% to 0.4% N recovery in leaves between 1 and 4 d following application (Table 2.5).
Results from studies measuring both inorganic and organic N uptake consistently found higher
percent recovery of NO3™ compared to amino acid-N, and similar or lower percent recovery of
NH4" compared to amino acid-N recovery. Overall, all reported studies that compared inorganic
and organic N forms had recovery ratios > 1 (Table 2.5).

Prior dryland studies that quantified N uptake rates per unit time were primarily
laboratory assay experiments which measured inorganic N depletion from nutrient solutions of

known concentrations within a range of ~0.5 to 4 hours (see Table S2.4). The 10 solution-based
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experiments that we reviewed documented the highest uptake rates overall, ranging from 4.6 to
25.2 umol °N g! dw h'! for NH4" (median = 9.8), and 2.1 to 17.8 umol °N g! dw h'! for NO5"
(median = 5.9; Table S2.5). One study (James et al., 2009) combined results from both inorganic
forms, and these rates ranged from 1.6 to 9.1 pmol N g'! dw h! (median = 7.3). We only found
one dryland experiment that measured organic N uptake from solution of an aquatic plant species
(Schiller et al., 1998), but it was not included due to differences in physiology and habitat. For
soil-based experiments, regardless of the N addition method, inorganic N uptake rates were
much lower than those measured in solution-based experiments, with values ranging from 0.002
to 2.1 pmol "N g'! dw h'! for NH4* (median = 0.20) and from 0.05 to 14.9 umol *N g'! dw h!
for NO3™ (median = 0.42; Table S2.5). Foliar uptake rates of amino acid-N from soils were
reported from °N-glycine in 4 studies (Jin & Evans, 2010; Ouyang et al., 2016; Yang et al.,
2022; Zhuang et al., 2020) and ranged from 0.01 to 1.98 pmol >N g™! dw h! (median = 0.19).
Results from 6 field-based experiments that only reported leaf §!°N values at more than one
timepoint indicate that overall, foliar '°N enrichment from NH4", NO3", or NH4NOj increased

significantly over time (> 48 h) following water and '°N tracer application (Table S2.5).
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Table 2.5 Percent (%) N Recovery results from published studies measuring soil inorganic and organic N uptake in dryland plant
species. Values are reported as percent (%) of applied '°N recovered in plant shoots. The ratio of NH,":NO;" recovery
represents %NH," recovery divided by %NOs™ recovery (unitless). The ratio of inorganic:organic N recovery represents the
average % recovery of NH4" and NOj" (if both forms were applied in the study) divided by the % amino acid recovery
(unitless). Data are from control (no treatment) plots only. An “--” indicates that the variable was not measured in the
study. An “NA” indicates that the variable could not be determined or calculated based on the data provided in the study.

%N Recovery Recovery Ratio
Reference Plant Species Time NH," NO;y AAY  NHsNO;  Inorg:Org
Jackson, Schimel & Avena barbata, Bromus mollis, 24 h 8.7 19.6 - 0.44 -
Firestone 1989 Lolium multiflorum (Feb)
24 h 10.7 25.9 - 0.41 -
(Apr)
James & Richards 2006 Atriplex confertifolia 8h 3.8 *ok - NA -
12h 3.1 *x - NA --
24 h 5.3 *x - NA --
48 h 6.7 *x - NA --
Atriplex parryi 8h 0.3 *ok - NA -
12h 0.3 *x - NA --
24 h 1.9 ** - NA -
48 h 33 ** - NA -
James et al. 2008 Bromus tectorum 72 h 22.0 493 - 0.45 -
Taeniatherum caput-medusae 17.4 43.5 -- 0.40 --
Elymus elymoides 10.2 35.7 -- 0.29 --
Pseudoroegneria spicata 17.0 21.3 -- 0.80 --
Poa secunda 14.9 24.8 - 0.60 -
Crepis intermedia 20.4 48.7 - 0.42 -
Lomatium triternatum 20.8 52.8 -- 0.39 --
Green et al. 2008 Bouteloua spp. 24h -- 5.1  Glu: 0.2 -- 21.11
4d - 94 Glu: 03 - 28.01
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Aanderud & Bledsoe
2009

Wang et al. 2016

Zhuang et al. 2020

Yang et al. 2022

Present Study

Bromus diandrus

Bromus hordeaceus
Elymus glaucus
Nassella pulchra

Leymus chinensis
Stipa grandis

Erodium oxyrrhynchum
Hyalea pulchella
Nonea caspica

Lactuca undulata
Cleistogenes squarrosa
Leymus chinensis

Stipa grandis

Achantherum hymenoides

Bouteloua eriopoda

Gutierrezia sarothrae

72 h

3h
(Aug)

24 h
(May)

3h

12 h
24h
48 h
12 h
24h
48 h
12 h
24h
48 h

73.5

48.7
233
21.8

1.2
1.3

2.7

34
6.6
34

11.1
8.1
13.9

0.5
1.5
4.0
0.6
24
9.1
1.0
1.2
34

51.4

47.4
52.5
45.0

0.9
0.8

33

3.6
5.8
54

76.5
85.1
75.5

1.2
2.7
5.0
2.1
7.8
18.5
1.8
3.8
8.6

Gly: 38.6

Gly: 41.6
Gly: 29.3
Gly: 23.5

Gly: 0.6
Gly: 0.8

Gly: 2.2

Gly: 2.5
Gly: 3.8
Gly: 2.8

Gly: 13.1
Gly: 7.8
Gly: 11.4

Glu: 0.2
Glu: 0.6
Glu: 1.6
Glu: 0.1
Glu: 0.3
Glu: 2.2
Glu: 0.5
Glu: 1.1
Glu: 2.7

1.43

1.03
0.44
0.48

1.42
1.57

0.80

0.95
1.15
0.62

0.15
0.10
0.18

0.41
0.54
0.80
0.28
0.31
0.49
0.56
0.33
0.40

1.62

1.16
1.29
1.42

1.90
1.39

1.35

1.41
1.65
1.60

3.34
6.00
3.91

4.67
3.39
2.80
16.69
15.83
6.39
2.90
2.36
2.23

*Study combined results from "NH4" and '’NOs™ treatments

*#Study added ammonium nitrate ('"NH4'*NOs)
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DISCUSSION

Our experiment resulted in three main findings: 1) dryland plants transported all sources
of available nitrogen to leaves as rapidly as 12 h following '°N tracer application to roots; 2)
plants given NH4" and NOs™ took up 3-4x more N to leaves and had 2-4x higher percent N
recovery than those given glutamate; 3) each of the three plant species took up inorganic N
sources 2-3x faster than glutamate, with a similar pattern of NO3 > NH4" > glutamate uptake
over time.
How rapidly do these dryland plants take up available soil N?

Overall, these results indicate that inorganic and organic forms of ’N can be translocated
from roots to aboveground shoots on the scale of 12 to 48 hours in wild-harvested plants of B.
eriopoda, A. hymenoides, and G. sarothrae under non-water-limiting conditions. We observed
the highest N recovery 48 h following tracer application, and mean N uptake rates more than
doubled between 24 and 48 h, suggesting that these plants may continue to take up available
inorganic and/or organic N within several days of a pulse event until nutrient supply and soil
moisture decline. We found less N recovery compared to some other soil-based dryland
experiments, which could be due to the relatively lower concentrations and solution amounts (0.5
mL) that we used in order to reflect realistic soil nutrient availability at the roots of plants in this
ecosystem. We intentionally used tracer amounts of N so as not to exceed background soil levels,
which could likely disrupt plant-soil-microbial feedbacks responsible for growth responses and
N cycling processes under otherwise natural conditions (Knops et al., 2002; Reynolds et al.,
2003). However, these results matched with other dryland experiments that found <20 %
inorganic N recovery and < 5% amino acid-N recovery within 24 to 48 hours of N and water

application (James & Richards 2006; Wang et al., 2016; Zhuang et al. 2020), including one field
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study in the same Chihuahuan Desert grassland where our plants were collected (Green et al.,
2008). On average, the N uptake rates we measured were comparable to several other soil-based
experiments that quantified N uptake by roots of intact plants within < 24 to 72 hours (Booth et
al., 2003; James et al., 2008; Ouyang et al., 2016), although they were much lower than those
measured in solution-based experiments where roots were removed from soils. For example, in
one hydroponic experiment, Bouteloua eriopoda uptake of NOs™ after 4 h was 30.98 pmol °N g!
dw h! (BassiriRad et al., 1997), which was more than 600x the highest NOs™ uptake rate we
measured from this species (~ 0.05 pmol >N g'! dw h™). In a different experiment, NH4" uptake
by A. hymenoides plants was measured up to 5.6 pmol N g'! dw h! after 30 minutes (Yoder et
al., 2000), which was ~250x the highest N uptake rate we measured for 4. hymenoides in our
study (~0.02 pmol N g! dw h!). We did not find any background reference values for G.
sarothrae, and we believe that our study is the first to document N uptake rates for this species.
These solution-based experiments provide valuable insight into potential short-term nutrient
uptake kinetics at timescales ranging from minutes to hours, however they may not capture
realistic rates of N uptake from within the soil matrix nor reflect the complexity of rhizosphere
interactions (Owen & Jones, 2001; Wang & Macko, 2011). For example, some root-associated
mycorrhizae mediate acquisition and biochemical transformation of inorganic and organic soil N
before root transfer occurs (Govindarajulu et al., 2005; Leigh et al., 2009; Moe, 2013). Excluding
the influence of fungi and other microbes would not accurately capture the feedbacks that
regulate root N uptake in soils under more natural conditions, and could ultimately alter the rate
and form(s) by which N enters into internal plant uptake pathways over the course of hours to
days (Dijkstra et al., 2010; Kuypers et al., 2018; Nasholm et al., 2009; Wen et al., 2022). In our

experiment, we did not remove soils attached to fine roots or rhizosheaths prior to potting the
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field-collected plants, and it is possible that these types of rhizosphere microbe interactions were
preserved. Ultimately, our results support our hypothesis and confirm that 24 h following water
and N application is a reasonable study period for observing foliar uptake of different N forms
from roots and rhizosphere soils in this plant community.

Does leaf N uptake differ among inorganic and amino acid N forms?

We found significantly greater uptake of NH4" and NOs™ versus glutamate, an amino acid
form, which was transported 3-4x slower from roots to leaves than either inorganic form within
48 hours of this study. These findings are consistent with prior studies where desert
shrub/subshrub, grass and herbaceous species acquired more NO3z™ than dissolved organic N from
the amino acid glycine (Aanderud & Bledsoe, 2009; Jin & Evans, 2010; Ouyang et al., 2016;
Yang et al., 2022; Zhuang et al., 2020), and also matches experiments of woody and grass
species from subtropical ecosystems where one experiment found higher NO3™ uptake relative to
glycine after 72 h (Wei et al., 2015), and another found greater NO3™ uptake compared to
glutamine and arginine-N following a 2 h root incubation (Bueno et al., 2019). Plants in most
terrestrial ecosystems acquire soil N from mixed pools where mineral and organic N cycling are
biologically coupled (J. Chen et al., 2015; Daly et al., 2021; Owen & Jones, 2001), and soil
amino acid-N pools are highly dynamic with a half-life of < 1 h in some locations (Chen et al.,
2015; Daly et al., 2021; Owen & Jones, 2001). These and other organic N forms can be rapidly
depleted and/or mineralized by microbes prior to root uptake (Hodge, Robinson, et al., 2000;
Jones et al., 2005) and so mineral N forms are commonly considered the most abundant sources
of N for plants in most terrestrial ecosystems (Cramer & Miller, 2005; Kraiser et al., 2011). The
significantly slower rates of glutamate uptake in our study could be due in part to short-term

microbial competition, since we did not sterilize nor fertilize potting soils during the experiment,
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and some of the rhizosphere soils may have contained active microbes that immobilized
glutamate-N before it could be transported across root cell membranes (J. Chen et al., 2015;
Kwiecinski et al., 2020). On an even shorter timescale, a previous field study evaluating amino
acid uptake in Bouteloua gracilis, ~50% of applied alanine was recovered in microbial biomass
and only 0-1% in plant tissues after 3 h, which they hypothesized was due to rapid fungal uptake
and immobilization (Chen et al., 2015; Kwiecinski et al., 2020). Although beyond the scope of
our study, it is also possible that applied glutamate was converted into inorganic N forms by
rhizosphere microbes prior to root uptake (Rothstein 2014). Using double-labelled (**C and °N)
glutamate and measuring C recovery in roots would provide further insight into potential factors
affecting uptake speed of intact amino acid-N to leaves of these species.

Background soil N pool sizes are also an important consideration for making accurate
comparisons of plant N uptake across and within ecosystems. For example, although our results
demonstrate that these plant species are capable of taking up amino acid-N from glutamate when
added as a single N source to roots, soils at our study site have high pH and oxidative enzyme
activity and low levels of organic matter accumulation, thus organic N may not be a consistent
source for plant N nutrition in this habitat (Stursova & Sinsabaugh, 2008). N from amino acids
like glutamate could potentially meet a portion of these species’ N demands if NO3™ and NH4*
were not immediately available, but further details on the concentrations and distribution of soil
organic N at this site are still needed to clarify these findings.

Among the two inorganic N forms applied, we expected that plants given NH4* would
have the highest N uptake based on background measurements of soil N pools at the SNWR (see
Table S2.3), but we found consistently higher NOs™ vs. NH4" uptake across species over time,

although the differences were not statistically significant at P < 0.05. From our review of other
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dryland studies, NOs™ uptake tends to be higher than NH4" when both were added to soil-based,
intact plant systems (NH.*: NOs™ ratio < 1.00), while NH4" uptake tends to be higher than NO3™ in
solution-based experiments where N was consistently provided to roots in nutrient solutions
(NH4": NOs ratio > 1.00). These trends may be attributable to solubility of the two mineral
forms: NOz™ is negatively charged and has a much higher soil diffusion rate (effective soil
diffusion coefficient = 2.82 x 10! cm? d*; Owen & Jones, 2001) than NH4*, which can be
sorbed to soil particles and becomes less accessible to roots and microbes as soil moisture
declines (Wang & Macko, 2011). Additionally, while NOs™ is more energy intensive for plants to
assimilate, it can be stored in plant tissues unlike NH4*, which can be phytotoxic if it
accumulates in cells (Britto & Kronzucker, 2002; Engels & Marschner, 1995; Moreau et al.,
2019). Our results indicate that these grassland species can take up multiple inorganic and
organic forms of N locally within 24 h of N reaching the roots, and the clear patterns of greater
inorganic N uptake versus glutamate observed across species offer partial support for our

hypothesis of NH4" > NO3™ > glutamate uptake.

Do plant species differ in the rate or form of N uptake?

In our experiment, we did not observe statistically significant differences in N uptake at P
< 0.05 among the three plant species tested. However, there were a few distinguishable patterns
over the 48 h timespan that could likely be attributed to differences in life history strategies and
physiology. B. eriopoda plants had the overall highest rates of N uptake and recovery in our
experiment, which might be expected for a dominant species that forms large monospecific
patches at SNWR compared to the other two subdominant C3 species in our study (Kurc &
Small, 2004). The lowest N uptake overall was observed in A. hymenoides individuals, which

had ~50% less mean N uptake than the other two species after 48 h. This cold desert grass
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species reaches the southernmost limits of its range at the SNWR where we sampled (Muldavin,
2002), and it is possible that plants required a different set of environmental conditions to break
winter dormancy and/or were experiencing stress when transplanted into the greenhouse.
Although the percentage of samples enriched for each species X tracer group do not equate to the
amount of N uptake by mass, they indicated that G. sarothrae leaves were 100% N-enriched at
every timepoint in contrast to the two grass species, particularly noticeable for plants given
glutamate at 12 h following application (Fig. 2.1). G. sarothrae, a ruderal subshrub, also had
higher glutamate uptake than the two grasses at each time point and took up glutamate twice as
fast as the other species overall. In the greenhouse pots, G. sarothrae individuals had 3-4x higher
mean aboveground biomass than either B. eriopoda or A. hymenoides (data not shown), and
potentially greater photosynthetic demands may have driven root uptake in this woody species
compared to the two perennial grass species, which could explain the higher percentages of
leaves enriched for nearly all N forms for G. sarothrae.

Plants in resource-limited habitats may also adopt different belowground strategies to
increase the solubility and mobilization of mineral and organic N forms to roots, such as altering
root architecture and foraging behaviors (Forde & Walch-Liu, 2009; Jumpponen et al., 2002), or
exuding carbon from roots to boost local microbial activity and enzyme production in the
rhizosphere (Ladwig et al., 2015). Shallow-rooted dryland grasses can have greater radial root
spread to capture soil water from small rain events (Sala & Lauenroth, 1982; Thomey et al.,
2014), whereas woody plants can extend lateral and vertical roots to access water and/or
nutrients in deeper soil layers (Lee & Lauenroth, 1994; Wan et al., 1995). While these
adaptations could also allow coexisting plants to partition resources based on soil depth, the

similarities in N uptake observed among B. eriopoda, A. hymenoides and G. sarothrae indicate
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that rather than specializing in a certain chemical N form to avoid competing for the same
limiting resource, these species may employ similarly flexible strategies for acquiring whichever
soil N source is most available when water limitation has been lifted and growth conditions are
favorable (Ashton et al., 2008; Chalk & Smith, 2021; Stahl et al., 2011).

While our study quantifies baseline information about relative N uptake in intact plants
once water limitation is lifted, inter- and intra-species competition for shared soil nutrients are
nuanced and likely more complex than what we were able to measure in a single study. In the
greenhouse, roots were constrained to 25 cm depth and had limited lateral spread, pots were
watered to field capacity prior to N additions, and individuals were evenly spaced in the
greenhouse to receive equal amounts of light and water. These growth alterations, as well as
removing individuals from direct competition for local resources, may have muted species-
specific N uptake responses that might be more clearly observed under field conditions during
their respective growing seasons (James & Richards, 2007; Miller et al., 2007). Under non-
water-limiting conditions, our hypothesis was supported as N uptake did not statistically differ
among the three species. However, BassiriRad et al., 1999 observed species-level differences in
SNOs™ uptake of two Chihuahuan Desert shrub species in watered vs. unwatered treatments,
which supports that co-occurring plants in this system may have differential nutrient uptake
responses under more limited soil moisture conditions. In future experiments tracing inorganic or
organic N uptake in these species, we may expect that any divergence from rapid (24 to 48 h)
root to leaf uptake could be due to other physical, biological, or competitive interactions when N

is applied directly to roots or rhizosphere soils.
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CONCLUSIONS

Plants of all three grassland species opportunistically took up all forms of available N
within 48 h following application of '°N tracers to roots and rhizosphere soils. Our results
confirm the occurrence of rapid N uptake in these grassland species once water limitation is
lifted, lending support to the concept of serial resource limitation in this dryland ecosystem.
Although average percent recovery and root-to-leaf N uptake rates were lower than those
measured in some prior experiments, overall we were able to detect a consistent trend across
species that showed significantly higher uptake of inorganic N sources (NH4" and NOs") versus
an organic amino acid form (glutamate). Since we did not observe significant differences in N
uptake by species, the similar uptake pattern and rates indicate that they may have similar
capacity for exploiting inorganic soil N sources and suggests they may compete for the same
plant-available N pools (e.g., inorganic N and amino acid-N in excess of microbial demand) in
their shared habitat. From our review of published N uptake experiments, we can conclude that
inorganic N, particularly NOs, is generally taken up at faster rates than amino acid-N in studies
that included both inorganic organic N uptake. We also observed that there is a wide range of
methods for testing different N forms and plant species, and greater standardization of N
application and sample collection methods may facilitate more effective comparisons of short-
term uptake among studies and habitats. Assessing nutrient uptake patterns in dryland-adapted
plants will improve our understanding of their responses to current and predicted environmental
changes, and how asynchronous water and N availability may influence biotic interactions and
nutrient retention in these globally important communities. As increasing N deposition and

changing climate variables shift the balance of N inputs to dryland soils (Baez et al., 2007,
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Ramond et al., 2022), interpreting short-term responses of individuals and the effects on plant

community dynamics will be key to mitigating N losses from these ecosystems.
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Chapter 3: Responses of biocrust and root-associated fungal communities to nitrogen and
water additions in a semiarid grassland

ABSTRACT
Increasing variability in climate factors such as precipitation and nitrogen (N) deposition in
drylands may drive changes in diversity and functioning of soil microbial communities. Fungi
have been shown to play key roles in soil biogeochemical processes in drylands, but more
information is needed on their responses to global change factors and their associations with
keystone plant species sensitive to drought and other natural disturbance. We investigated the
responses of fungal communities in soils and in roots of a dominant grass species among three
long-term experiments in a semiarid grassland ecosystem. We extracted DNA from biocrust soils
and roots and sequenced the fungal ITS region to determine the degree of similarity between
communities and how different levels and legacies of N fertilization, water addition, or
combined water and N additions may influence fungal community composition and structure,
fungal functional guilds, soil fungal biomass, and fungal root colonization. Sequencing of the
fungal ITS2 region demonstrated that biocrust and root communities are relatively dissimilar and
each have more unique OTUs than shared, with 8-12% overlap of mostly saprotrophic taxa.
Roots contained distinct functional guilds including symbiotrophs and were heavily colonized by
dark-septate endophytic (DSE) taxa. Overall, we found that richness, diversity, and evenness of
fungi in roots declined in response to N additions in two experiments (MRME and NutNet) and
decreased under water addition treatments at one experiment (MRME) compared to controls,
while biocrust community structure, but not richness/diversity, tended to respond more strongly
to experimental N and water additions. Soil fungal biomass and the ratios of bacterial:fungal

biomass were overall fairly low and did not show significant changes in response to N treatments

49



across the three experiments. Fungal root colonization was consistently high for septate hyphal
morphotypes and only aseptate colonization showed declines under N additions. Fungal
communities in biocrust and root microsites may share some functional overlap but are
taxonomically distinct. Richness and diversity, but not composition of root fungal communities
may be highly sensitive to changes in N inputs and decline under multiple changing
environmental conditions such as longer-term water + N fluctuations, while biocrust soil

communities may become more similar in composition under increased precipitation variability.

INTRODUCTION

Fungi are considered major microbial drivers of biogeochemical cycles of essential
nutrients like carbon (C), nitrogen (N) and phosphorous (P) in every terrestrial ecosystem on
Earth. They provide essential ecosystem functions by decomposing organic matter, mobilizing
soil nutrients, and enhancing plant root acquisition of water and nutrients (Romero et al. 2023;
van der Heijden et al. 2006; Johnson et al. 2013). In dryland ecosystems, fungi can access water
and dissolved nutrients at lower water potentials than plant roots (Manzoni et al. 2012; Allen
2007) and can be significant drivers of soil N transformations like denitrification under low soil
moisture conditions (Crenshaw et al. 2008; McLain and Martens 2006). Despite these important
functions, systematic studies of dryland fungal communities have received infrequent attention,
and it is likely that fungal diversity and functioning remains underestimated and underexplored
at various scales in these ecosystems (Hawksworth and Liicking 2017).

Prior studies in drylands have detected a wide range of fungal functional guilds in soils,
including pathogenic, endophytic, saprotrophic, and symbiotic taxa such as mycorrhizal fungi

(Johnson et al. 2003; Camargo-Ricalde et al. 2021; Hamm et al. 2020). In these ecosystems, free-
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living fungi can also be part of surface soil communities known as biological soil crusts
(biocrusts), which form an assemblage of cyanobacteria, algae, fungi, lichen, bryophytes, and
other taxa in the upper 0-2 cm of soils, where they play important roles in C and N cycling and
can substantially increase soil N fixation and retention (Barger et al. 2016; Pointing and Belnap
2012). Biocrusts also support a diversity of free-living fungi, and these communities can vary
across small spatial scales as well as stages of crust complexity (Abed et al., 2019; Steven et al.,
2015). Ascomycetes are the most common fungal biocrust constituents across different dryland
regions, particularly those in the order Pleosporales, some of which are also referred to as “dark-
septate” fungi or dark-sepatate endophytes — DSE (Bates et al. 2010; Steven et al. 2013; Porras-
Alfaro et al. 2008; Green et al. 2008). These fungi are notable for the presence of melanin in cell
walls and their tolerance of environmental stressors such as high heat, UV radiation and
desiccation (Gostincar et al. 2012), which are conditions likely experienced by biocrust microbes
near the soil surface. Despite their ubiquity, the precise identities and functions of Pleosporalean
fungi in biocrusts are not well-defined. Interestingly, these same taxa are also prevalent in roots
and rhizosphere soils of different perennial grasses (Kazarina et al., 2023; Lagueux et al., 2021;
Rudgers et al., 2022), and may aid in plant growth and survival under stressful abiotic
conditions, although their roles as plant mutualists remain relatively understudied compared to
groups like arbuscular mycorrhizal fungi (Newsham 2011; Havrilla et al. 2020).

In addition to broadening our knowledge of fungal biodiversity, a better understanding of
fungal responses to global change factors is also needed, especially in dryland regions where
plant and microbe communities may be highly sensitive to potential changes in drought and
climate variability (Maurer et al. 2020). Prior studies of fungal responses to changes in one or

more environmental factors have found diverging responses among fungal community
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composition and measures of diversity and abundance. For example, a survey of root-associated
fungi in grass species under experimental drought treatments found that fungal diversity,
richness and evenness and root colonization did not show strong decreases under drought
conditions, but the abundance of specific taxa and the structure of fungal communities changed
significantly (Lagueux et al. 2021). While some dryland microbes do not show strong diversity
responses to N fertilization alone (McHugh et al. 2017; Mueller et al. 2015; Jumpponen et al.
2005), other responses like fungal biomass, root colonization, and interactions with plant hosts
can be impacted depending on the rates and duration of N fertilization (Nancy Collins Johnson et
al., 2010; Treseder, 2008; Zhou et al., 2017). Studies of altered precipitation regimes in drylands
have found that water additions also shift fungal community composition, and fungal biomass
can show differing responses based on the frequency and size of rainfall manipulations (Nielsen
and Ball 2015; Zelikova et al. 2012; Kwiecinski et al. 2020). Similarly, changes in community
composition, but not diversity, followed experimental additions of both water and water + N
together due to shifts in the relative abundances of stress-tolerant fungal taxa (She et al. 2018).
Improving our knowledge of the effects of multiple environmental factors on the abundance and
composition of dryland fungi will better inform our understanding of ecosystem processes and
help predict patterns of change in drylands globally.

In this study, we investigate responses of fungi in surface biocrust soils and in roots of
black grama (Bouteloua eriopoda), a dominant perennial Cy4 grass species from the Chihuahuan
Desert, to answer the following questions: (1) How similar or different are biocrust- and black
grama root-associated fungal communities, and which taxa dominate these communities? We
expect there to be moderate to high taxonomic overlap with a large proportion of taxa in

Pleosporales (Ascomycota) in both biocrust soils and roots, as they have been previously
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detected in biocrust soils and within roots of various perennial grass species, including other
Bouteloua grasses. (2) How does N fertilization alter the diversity, composition and abundance
of biocrust- and root-associated fungi? We expect that N addition alone may not strongly affect
the composition of biocrust and root communities, since responses to N additions without
addition of water or C source have been found to be minimal in previous studies. However, there
may be decreases in soil fungal biomass and root colonization in response to N addition,
especially in experiments on the relatively higher end of N fertilization (i.e., 10 g N m2 yr?). (3)
How do changes in rainfall regime alone, and combinations of water and N addition alter
biocrust and root-associated fungal communities? We predict that both biocrust and root
communities may show greater changes in composition, biomass, and increased diversity under
water addition treatments and water + N treatments compared to N treatments alone. We expect
that biocrust fungi will show the strongest compositional changes in response to water additions
compared to root-associated fungi, due to potentially greater shifts in the abundance of drought-
tolerant taxa in microhabitats at the soil surface where soil moisture conditions declines more

rapidly than in plant roots.

METHODS
General site description

In this study, we sampled three semiarid grassland locations at the Sevilleta Long-Term
Ecological Research program site (SEV-LTER) located within the Sevilleta National Wildlife
Refuge (SNWR) at the northern boundary of the Chihuahuan Desert in central New Mexico,
USA. Mean annual precipitation at the SNWR is ~250 mm, with 50% or more occurring during

the summer monsoon season (July-September) when C,4 grass production peaks (Notaro et al.,
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2010; Pennington & Collins, 2007). In 2019, rainfall measurements at one ongoing experiment
site totaled 210 mm for the year, ~57 mm (27%) of which occurred from July to mid-September
prior to our sampling dates on Sept. 13-14™ (Collins 2023). Overall edaphic characteristics are
similar among the three sampling sites: pH of sandy loam soils is basic (8.1-8.7) and oxidative
enzyme potentials are high in the upper < 20 cm of soils where root biomass is highest
(Muldavin et al. 2008; Kieft et al. 1998; Stursova et al. 2006). Atmospheric N deposition occurs
at an average rate of 0.2 g m2 yr* at SNWR, with over half (57%) deposited as NH4* (Béez et
al., 2007). Grassland N fertilization experiments within SNWR indicate that N is limiting to
primary productivity, and the strength and direction of plant responses depend on the size of
seasonal rainfall pulses (Béez et al., 2007; Collins et al., 2010; Ladwig et al., 2012; Muldavin et
al., 2008).
Overview of SEV-LTER experiments

Sampling was conducted within three ongoing global change/resource manipulation
experiments included in the SEV-LTER program (https://seviter.unm.edu). The full design and
objectives of each experiment have been detailed in several previous publications (Baldarelli et
al., 2021; Collins et al., 2010; Thomey et al., 2011); and are described briefly below (Table 3.1).
Monsoon Rainfall Manipulation Experiment

The MRME (34.3441, -106.7268, 1603 m) was established in 2006 and was designed to
understand changes in grassland ecosystem structure and function caused by increased
precipitation variability (https://seviter.unm.edu/monsoon-rainfall-manipulation-experiment).
MRME includes thirteen 8 m x 14 m plots, ten of which receive additions of reverse osmosis
water from overhead sprinklers in addition to ambient precipitation as either monthly

“large/infrequent” (L) rainfall events (3 x 20 mm, n = 5) or weekly “small/frequent” (S) rainfall
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events (12 x 5 mm, n = 5) during the monsoon season from July-September each year (total
supplemental water addition= 60 mm yr?). Three control plots receive ambient precipitation only
(no water additions). Nitrogen is added annually to 2 m x 2 m N fertilization subplots nested
within each small (SN) and large (LN) rainfall treatment plot (n = 13) at the beginning of the
monsoon season as NH4NOs at a rate of 5g N m2yr? (50 kg N ha* yr!). We sampled all
experimental rainfall plots (n water addition only; S = 5, L = 5) and their nested N fertilization
subplots (n water + N addition; SN =5, LN = 5) along with control plots (no treatment; n = 3)
and their respective N fertilization subplots (N addition only; n = 3). We sampled 2 additional
controls from untreated soils outside of the experimental plots but within the fenced project
boundary at the MRME site (N = 30). Plant cover is dominated by Bouteloua eriopoda (70% of
total) and subdominant species including Sphaeralcea wrightii, Sporobolus spp., and Gutierrezia

sarothrae (Thomey et al. 2011).

Nutrient Network Experiment

The NutNet experiment (34.3597, -106.6914, 1597 m) was established in 2007 and
examines the effects of multiple resource additions on plant species composition and soil nutrient
concentrations within a grassland ecosystem (https://seviter.unm.edu/nutrient-network-
experiment). Nitrogen is added alone or in combination with other nutrient treatments (P, K,
micronutrients) annually to 5 m x 5 m treatment plots at the beginning of the monsoon season as
NH4NO; at a rate of 10 g N m2 yr? (100 kg N ha* yrt). Water additions are not included in the
NutNet experimental design, and we only sampled N fertilization (N addition only, n = 5) and
control plots (no treatment, n = 5) at this site (N = 10). Plant cover is dominated by B. eriopoda

(50-70% of total), Gutierrezia sarothrae, and Salsola tragus (Baur et al., 2021a).
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Warming-EIl Nino-Nitrogen Deposition Experiment

The WENNDEX (34.3597, -106.6906, 1598 m) was also established in 2006 and tests the
effects of multiple global change drivers (increased temperature, N deposition, and precipitation
variability) on species reordering and associated ecosystem functioning in grassland
communities (https://seviter.unm.edu/wenndex). Nitrogen is applied alone or in combination
with precipitation and/or nighttime warming treatments annually to 3 m x 3.5 m plots at the
beginning of the monsoon season as NH:sNO; at a rate of 2 g N m2 yr! (20 kg N ha* yrt). Water
treatments are added alone or crossed with other treatments in six winter precipitation events (4
x5 mm, 1 x 10 mm, and 1 x 20 mm) during January-March for a total supplemental water
addition of 50 mm yr. We sampled N fertilization (N addition only, n = 5) or water addition
(water addition only, n = 5) plots as well as those receiving combined water + N treatments
(water + N addition, n = 5) plus control plots (no treatment, n = 5) at the WENNDEX site (N =
20). Plant cover in these plots is dominated by Bouteloua eriopoda (25-60% of total), B. gracilis,

Pleuraphis jamesii, and Gutierrezia sarothrae (Baur et al., 2021b).
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Table 3.1 Sample sizes from three experiments (MRME, NutNet, WENNDEX) sampled within the SEV-LTER site, including the
number of plots sampled (n) and total annual additions of the following experimental treatments: control (no treatment),
N addition only (g N m™ y!), water addition only (mm y'), and combined water + N additions. Also included are the
total number of biocrust (B) and root (R) samples collected per experiment X treatment. An “--” indicates that water
additions were not part of the experimental design (NutNet).

MRME NutNet WENNDEX N samples
Treatment n Addition* n  Addition n Addition? B R
Control 5 None 5 None 5 None 15 15
N only 5 5gNm? 5 10gN 5 2gNm? 15 13
Water only 10 S: 60 mm (5) -- -- 5 50 mm 15 15
L: 60 mm (5)
Water + N 10 S+5gNm?(5) - - 5 50mm+2g 15 15
L+5gNm?(5) N m
Total 30 10 20 60 58

'MRME: Small/frequent (S) rainfall treatments receive 12 x 5 mm water applications; Large/infrequent (L) treatments receive 3 x 20 mm water
applications from Jul-Sept. in addition to ambient precipitation.

2WENNDEX: Water treatments receive 4 x 5 mm + 1 x 10 mm + 1 x 20 mm water applications from Jan-March in addition to ambient
precipitation.
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Soil microsite and focal plant descriptions

Dryland fungi inhabit several microhabitat niches within the uppermost soil layers due to
localized abundance of soil moisture and nutrient resources surrounding plant roots in the top 10
cm (Sokol et al., 2022; Thomey et al., 2011) and the presence of biological soil crusts (biocrusts)
in the uppermost 0-2 cm. At the SNWR, biocrust communities are dominated by filamentous,
nonheterocystous, bundle-forming cyanobacteria such as Microcoleus vaginatus (Vaucher)
Gomont and members of the Coleofasciculaceae (Adelizzi et al., 2022; Fernandes et al., 2022),
but can also include other micro- and macroscopic organisms like algae, cyanobacteria, fungi,
bacteria, mosses and lichens. Prior studies of biocrust fungal diversity have found abundant
Ascomycete fungi in the order Pleosporales within biocrust soils and associated with roots of
perennial grasses (Green et al. 2008; Herrera et al. 2011), while arbuscular mycorrhizal fungi
(AMF) have had low detection in perennial grass roots at this site (Herrera et al. 2010; Khidir et
al. 2010; Porras-Alfaro et al. 2008; Green et al. 2008).

In addition to biocrust soils, we also sampled living roots of black grama (Bouteloua
eriopoda (Torr.) Torr., a perennial Cs4 grass species that comprises up to 80 — 90% of cover
within nearly monospecific Chihuahuan Desert grasslands at SNWR (Collins et al. 2020;
Muldavin et al. 2008; Peters and Yao 2012; Thomey et al. 2014). Individuals of black grama live
up to 40 years and primarily reproduce vegetatively via stolons (clonal propagules), and as such
their populations can be highly sensitive to changing climate patterns over time, especially when
combined with other disturbances such as fire (Collins et al., 2020; Yanoff & Muldavin, 2008).
Populations of black grama within SNWR were found to have high local genetic variation
(Whitney et al., 2019) and exhibited negative growth responses to experimental drought and N

fertilization treatments (Collins et al., 2010; Ladwig et al., 2012). Black grama populations
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influence the establishment of other subdominant species in their habitat, and thus declines or
changes to these communities may increase the vulnerability of Chihuahuan Desert grasslands to
encroaching woody and/or non-native species, in turn affecting soil nutrient dynamics, resource

competition, and carbon storage across multiple scales (Ladwig et al., 2021; Peters et al., 2006).

Biocrust soil sample collection and processing

On September 13-14™, 2019, we collected biocrust soils within each of the
abovementioned control and treatment plots at all three experiments (Table 3.1). We determined
a standardized method for biocrust soil collection using a removable 0.25 m? quadrat subdivided
into a 10 x 10 grid, which was aligned with two existing nails inside each plot which marked the
sampling area. We then collected 10 biocrust soil “cores” by pressing the open end (1 ¢cm in
diameter) of a sterile 2 mL microcentrifuge tube (Thermo Fisher Scientific, Waltham, MA, USA)
down 2 cm into the soil surface at each intersection along a central transect within the quadrat
grid. The entire quadrat frame was then flipped diagonally, and an additional 10 cores were
collected using the same method (total area sampled per plot = 0.5 m?). A new collection tube
was used for each plot, and all soil cores (N = 20) were aggregated into one plastic Ziploc bag
which was then sealed and placed in a portable cooler with dry ice for transport. Soils were then

homogenized using a 2 mm sieve and temporarily stored at 2-4°C until further processing.

Soil ergosterol extraction and analysis

To quantify fungal biomass from control and N addition only plots (nz = 10 for each
experiment), we determined the ergosterol content of biocrust soils — note that arbuscular
mycorrhizal fungi do not produce ergosterol (Olsson et al., 2003). We subset ~4 g of soil into a
15 mL centrifuge tube and then added 0.5 mL of 0.8% KOH in MeOH solution and mixed

thoroughly by inverting each tube. Samples were then incubated in a dry block heater for 30
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mins at 80°C (Wallander et al., 2001) and then placed in a tube rack to cool. Once cooled, we
removed 1-2 mL of extraction solution using a 3 mL syringe with a 16 g needle attached, and
then filtered the extracts through a 0.45 pm nitrocellulose membrane into a 1.5 mL glass HPLC
vial. Ergosterol content of filtered extracts was determined using a high-performance liquid
chromatograph (HPLC; Thermo Scientific Ultimate 3000, Waltham, MA, USA) with a C18
reversed phase column and standards of 10 mg L and 1 mg L* for calibration. Ergosterol
concentrations are provided on a dry mass basis (ug g™ soil).
Soil FAME analysis

To quantify the presence and relative biomass of different microbial guilds from biocrust
soils, we subset approximately ~5 g of homogenized biocrust soil from control and N addition
only plots (n = 10 for each expt.) and analyzed fatty acid methyl ester (FAME) biomarkers to
quantify fatty acids from the phospholipid, glycolipid, and neutral lipid fractions. Soils from each
plot were lyophilized (freeze-dried) for 36 hours and sent to the DeForest Lab at Ohio State
University for soil extraction and total FAME analysis. Briefly, lipids were extracted from soils
using a solution of 5 mL MeOH and 2.5 mL CHCIs and then saponified using a solution of
NaOH dissolved in MeOH and DI water. Samples were incubated at 95°C for 5 minutes, then
cooled in a cold-water bath, vortexed, and incubated again for 25 minutes. A methylation reagent
containing 6N HCI was added and samples were vortexed, incubated at 80°C for 10 minutes and
then cooled. An extraction reagent containing a 1:1 ratio of hexane and MTBE was added and
samples were centrifuged for phase separation. The bottom phase was removed, a NaOH base
wash solution was added, and samples were centrifuged again for further phase separation.
Approximately 0.5 ml of the upper phase was moved to a gas chromatography vial to evaporate

the liquid with ultra-high purity N> (N-EVAP; Organomation Associates, Inc., Berlin, MA,
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USA) at room temperature. Lastly, the FAMEs were suspended using 250 ul of the extraction
reagent and sample FAME profiles were analyzed using a HP GC-FID gas chromatograph (HP
6890 series; Hewlett Packard, Palo Alto, CA, USA). Peaks were identified using a calibration
standard (No. 1208, MIDI, Inc., Newark, DE, USA) in conjunction with the Sherlock System
software (v. 6.2b, MIDI, Inc., Newark, DE, USA) to identify lipid profiles of different microbial
functional groups (Zelles, 1999). In this process, 16 biomarkers were identified that are universal
for all microbes (General), 18 biomarkers representing eukaryotic taxa (Eukaryote), 18
biomarkers for gram-positive bacteria, 35 biomarkers for gram-negative bacteria, 6 biomarkers
for actinobacteria, and 3 biomarkers for fungi including arbuscular mycorrhizae (Joergensen &
Wichern, 2008). Microbial biomass (ug C FAME per g soil) was estimated using external FAME
standards (DeForest et al., 2012). For analysis, we separated data from individual functional
groups into two broad categories — bacteria and fungi — and summed biomass from all bacteria
(Actinomycetes, Gram-Negative, Gram-Positive, Methanobacter biomarkers) and all fungi
(Fungi and AM Fungi biomarkers), respectively. General and Eukaryote biomarkers were not
included in either bacteria or fungi groupings but were included in calculation of total FAME
biomass. We then determined the proportions of total FAME derived from bacteria and fungi and
calculated a ratio of bacterial:fungal biomass for each experiment x N treatment.
Plant root sample collection and processing

On September 13-14™, 2019, we also collected roots from one black grama individual per
plot at all three experiments described above. Living roots were accessed using a soil knife to
loosen soil up to ~10 cm deep around each plant to expose the fibrous root system. Ten active
root segments (light color, flexible with visible root hairs) were gently excised by hand and

placed inside a sterile 118 mL Nasco Whirl-Pak™ sampling bag (Thermo Fisher Scientific,
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Waltham, MA, USA) which was then sealed and placed in a portable cooler with dry ice for
transport. Soil was then replaced and loose soil was filled back in around each plant after
collection. Gloves and soil knife were sterilized using bleach wipes in between each plot, and
care was taken to minimize disturbance to surrounding plants and soils and to keep live grass
individuals in-ground during sampling. Within 24 hours of field collection, roots were processed
in the laboratory and rinsed in sterile deionized water to remove any soil particles. Clean, dried
roots from each sample were then divided into two approximately equal subsamples for either
microscopic assessment or DNA extraction. All laboratory tools (i.e., forceps) and surfaces were

sterilized with bleach wipes between each sample.

Microscopic assessment of roots

For microscopic assessment of fungal root colonization, we cut individual roots into ~3
cm long segments using a sterile razor blade and placed 5-10 segments per individual into
Simport™ M510 tissue cassettes which were submerged in 70% EtOH for temporary storage and
transport. Roots were cleared in 500 mL of a 10% KOH solution at room temperature for 5 days,
after which they were briefly soaked and rinsed with tap water to remove any residual solution.
Samples were then submerged in 1000 mL of 0.1N HCI solution for 24 hours to acidify, then
removed and soaked in a pre-heated 5% vinegar:ink staining solution containing 5% Parker
Quink Blue ink (Parker, Nantes, France) for approximately 15 — 20 minutes (Vierheilig et al.,
1998). Root cassettes were submerged in fresh DI water at room temperature for 2 days to
further destain, and then stored in a 1:1 mix of glycerol and DI water at 4°C prior to microscopic
assessment. We mounted stained roots onto clean microscope slides and quantified aseptate and
septate hyphae and other fungal structures (e.g., vesicles and microsclerotia) at 100x

magnification using the modified intersections method with approximately 100 fields of view per
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slide (McGonigle et al., 1990). This method took into account only the presence/absence of

features at each intersection.

DNA Extraction and Amplification

To extract DNA from biocrust soils, approximately 1.0 g of homogenized soil from each
plot was used with a DNeasy PowerSoil® Kit (QIAGEN, Maryland, USA) following the
manufacturer’s protocols. The final soil DNA extracts (50 pl) were stored at -80°C prior to
sequencing. For DNA extraction from roots, the remaining roots from each field-collected
sample were cut into ~1 cm segments using a sterile scalpel, and approximately 20 segments
were placed into a clean mortar. Approximately ~2 mL of liquid nitrogen was added to flash-
freeze samples, which were then crushed with a pestle for ~5 mins until pieces were uniformly
ground. All homogenized root tissue material was then transferred to a sterile 2 mL collection
tube and DNA was extracted using the DNeasy® Plant Mini Kit (QIAGEN, Maryland, USA)
following the manufacturer’s protocol.
To identify the taxonomic assemblage of biocrust and root-associated fungi, sample DNA
extracts were sent to the University of Arizona Genetics Core (UAGC; Tucson, AZ) for PCR
amplification and sequencing. We targeted the Internal Transcribed Spacer (ITS2) region of the
ribosomal RNA gene (Schoch et al., 2012) using the forward primer fITS7 (5°-
GTGARTCATCGAATCTTTG-3’; Ihrmark et al., 2012) and reverse primer ITS4 (5°-
TCCTCCGCTTATTGATATGC-3’; White et al., 1990). To generate amplicons, we amplified
template DNA from all 118 samples plus a negative control (molecular grade water) using a
Terra™ PCR Direct Kit (Takara Bio Inc., San Jose, CA, USA) following the manufacturer’s
protocol. Each PCR reaction contained the following: 2.5 ul template DNA (5 ng pl?), 5.0 ul 2X

Terra PCR Direct Buffer containing Mg?* and dNTPs, 0.02 ul each of fITS7 and 1TS4 primers
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(final concentration: 2 uM), 0.2 ul of Direct Polymerase, and 2.26 ul of sterile molecular grade
water. PCR cycles included an initial denaturing at 98 °C for 5 m, followed by 34 cycles of
denaturing at 98 °C for 30 s, annealing at 50 °C for 30 s, extension at 72 °C for 1 min, and a final
extension at 72 °C for 5 m. Amplicons were purified using the MagBio HighPrep™ PCR Clean-
up System (MagBio Genomics, Inc., Maryland, USA) following the manufacturer’s protocol
with a 0.8X ratio of reagent to sample. From there, a secondary Index PCR was performed on the
purified amplicons (using 5 ul as template) to attach dual indices and Illumina sequencing
adapters using the Nextera® XT Index Kit (Illumina, Inc., San Diego, CA, USA) following the
manufacturer’s protocol. Sample concentrations were quantified using a plate-based intercalating
agent and pooled into one library at equal DNA amounts, which was then sequenced at the
University of Arizona Genetics Core (UAGC; Tucson, AZ, USA) using a MiSeq Reagent Kit v3

(Mlumina, Inc., San Diego, CA, USA) as 2 x 300PE with dual 8-bp index reads.

Bioinformatics

Sequence data generated from the high-throughput Illumina sequencing run were
processed and analyzed following the mothur pipeline version 1.48.0 (Schloss et al., 2009). Raw
sequence data were contiged resulting in a read library containing ~18 million sequences. These
were then screened to remove any ambiguous bases and any sequences longer than 350 bp, and
any homopolymers longer than 6 bases. This removed ~40% of total sequences (7.3 million
sequences). Remaining sequences were trimmed to 250 bp length, which was the length of the
shortest high-quality sequence, to facilitate clustering without alignment. Sequences were then
pre-clustered to 2% difference, which grouped together similar sequences within 2 nucleotides of
each other in order to reduce potential sequencing bias and computation time (Huse et al., 2010;

Oliver et al., 2015). Sequences were then screened for chimeras, after which 67,815 putatively
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chimeric sequences were removed (3.5% of total) and 1.86 million unique sequences remained.
Sequences were classified using the Naive Bayesian Classifier (Wang et al. 2007) and the
UNITE fungal ITS database v. 8.3 (Abarenkov et al. 2021) to create a consensus taxonomy for
each unique sequence, and these were screened for unknown and non-fungal taxonomic lineages
(no contaminant sequences detected). Sequences were then clustered into Operational
Taxonomic Units (OTUs) at 97% sequence similarity using VSEARCH v. 2.17.1 (Rognes et al.,
2016) and the distance-based greedy clustering method (DGC; Westcott & Schloss, 2015). OTUs
were classified using the previous unique sequence assignments and the UNITE fungal ITS
reference database described above (Abarenkov et al. 2021). Low-frequency OTUs with < 10
sequences were removed to improve data integrity (Nguyen et al. 2015; Brown et al. 2015;
Oliver et al. 2015), resulting in an initial OTU dataset of 3096 OTUs and 7.93 million sequences.
Output files from mothur were imported into R version 4.2.2 (R Core Team 2022) for further
processing and analysis. We rarefied all samples to an equal sampling depth of 9,484 sequences,
which was the size of the sample with the second-lowest sequence yield, to avoid biases among
experimental units resulting from differences in library size and sequence yield (Gihring et al.
2012; Cameron et al. 2021). Samples were rarefied without replacement to 9,484 sequences
using the phyloseq package v. 1.42.0 (McMurdie & Holmes, 2013). This step removed 161
OTUs from the dataset which were no longer present in any sample after random subsampling
and eliminated 1 sample (M1R) which had the lowest sequence yield overall (93 sequences). We
excluded this experimental unit and the negative control (H20) from further downstream
analyses. The final fungal OTU dataset consisted of 2935 OTUs and 1,109,628 total sequences
from 117 samples (nsamples = 60 biocrust; 57 root). We calculated Good’s Coverage Index, or

the ratio of local OTU singletons to the total number of sequences, in mothur using 1000
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subsamples of 9484 sequences via the summary.single command, and index values were > 0.99
for 117 samples following rarefaction. Additionally, rarefaction curves were saturating for both
sample types (Fig. S3.1), indicating that our rarefied OTU data adequately captured the diversity
of fungal groups in biocrusts and roots across all three experiments. We subset the rarefied OTU
data by experiment site (MRME, NutNet and WENNDEX) for further analyses due to differences
in experimental design (i.e., amounts and frequency of applied N and water treatments) and

sample sizes (Table 3.1).

Analysis
Biocrust vs. root-associated fungal communities

All below analyses were performed in R version 4.2.2 (R Core Team 2022). To compare
fungal community composition between biocrust soils and black grama roots in control (no
treatment) plots from each experiment (Q1), we identified the occurrence (presence/absence) of
individual OTUs in biocrust and root samples and determined the proportional abundance of taxa
found in both sample types (shared), or unique to either biocrust or root communities. We
visualized this OTU overlap for each experiment using Venn diagrams via the ggvenn package v.
0.1.10in R (Yan & Yan, 2023). To assess the similarity of biocrust and root communities, we
calculated Bray-Curtis distances via the “vegdist” function in the vegan package (Oksanen et al.,
2019) using subsets of the rarefied OTU data that included samples from C plots only for each
experiment. We performed an Analysis of Similarity (ANOSIM) with 9999 permutations on
each of the distance matrices using the “anosim” function in the vegan package (Oksanen et al.,
2019). We also compared dispersion of biocrust and root samples, or the homogeneity of
variance within and between each sample group, using a PERMDISP test via the “betadisper”

function in the vegan package (Anderson, 2006; Oksanen et al., 2019). We then visualized
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differences among sample types using nonmetric dimensional scaling (NMDS) ordinations of
Bray-Curtis distances via the “metaMDS” function in the vegan package with 500 restarts
(Oksanen et al., 2019).
Responses to N fertilization and changes in rainfall regime

To assess fungal community richness, diversity, and evenness in biocrusts and roots
among experimental treatments, we determined taxon richness (Sobs or the number of observed
OTUs), estimated richness (Chaol Index or Seao1), diversity (Shannon Diversity Index or H'),
and evenness (Pielou’s Evenness Index or J) for each sample using the vegan package in R
(Oksanen et al., 2019); see Table S3.4 for formulas). To test for significant differences in alpha
diversity among sample types and N fertilization treatments (Q2), or water addition/N + water
addition treatments (Q3), we fit linear mixed effects models via the Ime4 package (Bates et al.
2015) using each diversity metric as a response variable and sample type, experimental
treatment, and sample type x treatment as categorical fixed effects. Plot number was included as
a random effect to account for statistical non-independence of biocrust and root samples
collected from within the same treatment plot. The models for MRME also included
experimental treatment nested within plot number as a random effect to account for the sampling
of N addition subplots within each treatment plot. We assessed the significance of main effects
and interactions using analysis of deviance Type II tests using the ‘Anova’ function in the car
package version 3.0—-10 (Fox et al., 2012), and performed post hoc pairwise comparisons of
treatment means using the emmeans package version 1.6.1 (Lenth, 2021). P values were adjusted
for multiplicity using the Tukey method for comparing a family of 3 estimates, and all pairwise
comparisons of means used the Kenward-Roger degrees-of-freedom method and a 0.95

confidence level.
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To detect compositional differences of biocrust and root fungal communities among
control and treatment plots, we calculated Bray-Curtis distances using the rarefied OTU data
subsets for each experiment as described above. To test whether fungal community structure
(composition and relative abundance of taxa) significantly differed among control and
experimental treatments (N addition, water addition, or water + N addition), we performed
permutational multivariate analysis of variance (perMANOVA) with 9999 permutations on the
respective Bray-Curtis distance matrices for biocrust and root samples via the “adonis2” function
in the vegan package (Oksanen et al., 2019). N addition was included as a factor in models for all
three experiments (Q2; control vs. N addition only), and MRME and WENNDEx models also
included water addition (Q3; control vs. water addition only vs. N + water addition) and
interactions between all levels of N X water addition treatments. For MRME, there were 5 levels
of water and addition treatments: control (none), large/infrequent rainfall (L), small/frequent
rainfall (S), large + N addition (LN) and small + N addition (SN). For WENNDEX, there were 3
levels of water addition treatments: control (none), water only (H20) and water + N addition
(H20 + N). Multiple pairwise comparisons of significant factors were performed using the
“pairwise.adonis2” function (Martinez Arbizu 2020), and p-values were adjusted for multiple
comparisons using the Benjamini-Hochberg correction method in the “p.adjust” function from
the Rstats package v. 3.6.2 (R Core Team, 2022; Benjamini & Hochberg, 1995). We visualized
the relationships between samples and responses of biocrust and root fungal communities to N
and water addition treatments using nonmetric dimensional scaling (NMDS) ordinations as
described above. We also compared dispersion within and between communities in control vs.
treatment plots using a PERMDISP test as described above. We further assessed the trophic

modes and functional guilds of fungal communities in biocrusts and roots using the FUNGuild
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database (Nguyen et al., 2016) to classify OTUs with >80% confidence taxonomy at the genus
level (N =1740 OTUs).

The responses of soil fungal biomass, including soil ergosterol concentration, ratio of
bacteria:fungi FAME biomass and proportion of fungi in total FAME biomass, were compared
among control and N addition only treatments by fitting linear models to each variable with N
treatment as a fixed effect for two of the experiments (NutNet and WENNDEX), and by fitting a
linear mixed-effects model to each variable for MRME with N treatment as a fixed effect and
plot number as a random effect to account for the sampling of N addition subplots nested within
each control plot. We did not measure soil ergosterol concentration or quantify FAME biomass
for biocrust samples in water addition or water + N addition treatments at MRME or
WENNDEX.

To analyze the responses of fungal root colonization to experimental treatments, a linear
mixed-effects model was fit to test for the main and interacting effects of experimental treatment
(N addition only, water only, and water + N additions) on fungal colonization (% root length
colonized) of B. eriopoda roots by two hyphal morphotypes (aseptate and septate hyphae) from
each of 3 experiments (MRME, NutNet, WENNDEX). Sample ID was included as a random
effect to account for the statistical non-independence of measuring both hyphal types from the
same root sample, and the MRME model included experimental treatment nested within plot
number as a random effect. We assessed the significance of main effects and interactions using

Type I ANOVA tests and performed post hoc comparisons as described above.
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RESULTS
Overall patterns in fungal community composition

Following sample rarefaction, our final fungal OTU matrix contained 2935 OTUs; the
majority of which (75%) were from Ascomycota, which was the most dominant phylum overall
representing ~80% or more of all reads in biocrust and root samples from all
experiments/treatment plots (Table 3.2). The remaining OTUs were classified to Basidiomycota
(9.7%), Glomeromycota (3%), Chytridiomycota (~1%), and Entomophthoromycota,
Mucoromycota, and Rozellomycota (< 1% each). Around 11% of all OTUs were unclassified
fungal taxa (n = 326 OTUs; Table 3.2). At the class level, OTUs were dominated by
Dothideomycetes (43% of total), followed by Sordariomycetes (14%), Agaricomycetes (7%),
Eurotiomycetes (5%), Glomeromycetes (3%), Pezizomycetes (2%), Tremellomycetes (2%), and
15 other fungal classes that made up 1% or less of all OTUs (Fig. 3.1). Taxa that were
unclassified made up 20% of OTUs at the class level. Of the top 30 most common taxa, nearly
half (43%) were from Order Pleosporales (Ascomycota), and Orders Agaricales and Geastrales
(both Basidiomycota) made up 16% (Table 3.3). The few fungal taxa that occurred in the highest
number of biocrust and root samples (N = 117 samples), were Darksidea (116 samples),
Aureobasidium subglaciale (98 samples), Acrophialophora (92 samples), and Curvularia

buchloes (81 samples; Table 3.3).

Table 3.2 Proportional distribution (%) of rarefied OTUs in each fungal phylum found in
biocrust and root samples from each experiment site: MRME (M), NutNet (N), and
WENNDEXx (W). Total NOTUs = 2935 across all experiments/treatment plots.

Biocrust Roots
Fungal Phylum M N w | M N W
Ascomycota 81.8%  854%  84.1% | 80.6% 811%  83.2%
Basidiomycota 5.3% 6.0% 7.5% 41%  7.6%  5.9%

70



Chytridiomycota 0.8% 0.8% 0.7% 0.0% 0.0% 0.0%
Entomophthoromycota 0.0% 0.0% 0.02% 0.0% 0.0% 0.0%
Glomeromycota 0.2% 0.0% 0.0% 11.0% 7.0% 7.3%
Mucoromycota 0.2% 0.2% 0.2% 0.1% 0.0% 0.2%
Rozellomycota 0.0%  00%  00%| 003%  00%  0.0%
Unclassified Fungi 11.7% 7.6% 7.5% 4.3% 4.3% 3.4%
(a) (b) (c)
1.00+
e
Fungal Class
I Agaricomycetes
Agaricostilbomycetes
Arthoniomycetes
g 0.757 = Cyslobasigiomyce(es
8 B Dothideomycetes
5 B Eurctiomycetes
2 B Glomeromycetes
E Lecanoromycetes
o B Leotiomycetes
w 0.504 B Lichinomycetes
5 B Lobulomycetes
5 B Mucoromycetes
3 B Orbiliomycetes
o Pezizomycetes
. Pezizomycotina Incertae sedis
Rhizophlyctidomycetes
0.25+ Saccharomycetes
B Ssordariomycetes
- B Tremellomycetes
Unclassified
0.00+

Biocru%t Only Sh'ared Rooils Only B|ocru‘st Only Sﬁared Roc;ts Only Biocrdst Only Sh‘ared Roo'ls Only
Fig. 3.1 Proportional/relative abundance of unique and shared fungal classes in biocrust and root
communities from control (no treatment) plots from each of three experiments: (a)
MRME, (b) NutNet, and (¢c) WENNDEx (n = 10 samples each).
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Table 3.3 List of 30 most common taxa (top ~1% of sequences) across biocrust and root samples collected from all experiments.
Samples with < 97% consensus taxonomy at the phylum level and < 80% confidence taxonomy at the genus level were
filtered out prior to making FUNGuild assignments (N = 1740 OTUs).

OoTuU nreads

Phylum

Class

Order

Taxon

B

R

N

FUNGuild
Assignment”

1 68758

6 38670

4 36099

3 31326

7 27440

11 21335

10 20819

8 20475

Ascomycota

Ascomycota

Ascomycota

Ascomycota

Ascomycota

Ascomycota

Ascomycota

Ascomycota

Dothideomycetes

Dothideomycetes

Dothideomycetes

Sordariomycetes

Dothideomycetes

Sordariomycetes

Sordariomycetes

Dothideomycetes

Pleosporales

Pleosporales

Pleosporales

Xylariales

Dothideales

Sordariales

Sordariales

Pleosporales

72

Laburnicola

Darksidea

Paraconiothyrium sp.

Monosporascus ibericus

Aureobasidium
subglaciale

Acrophialophora sp.

Subramaniula
thielavioides

Chaetosphaeronema sp.

21

60

11

58

45

59

60

53

56

30

28

40

47

24

74

116

36

39

98

92

83

66

Endophyte
Lichen Parasite
Plant Pathogen
Undefined
Saprotroph

Endophyte

Endophyte
Lichen Parasite
Plant Pathogen
Undefined
Saprotroph

Plant Pathogen
Plant Saprotroph

*Animal
Pathogen
Endophyte
Epiphyte

Plant Pathogen
Undefined
Saprotroph

Plant Pathogen

Undefined
Saprotroph

Fungal Parasite



14

16

19
20
22

18
23

32

21

17

40

20014

18221

17283
15516

11838
11554

10868
10784

10739

10392

9297

8763

Ascomycota

Dothideomycetes

Basidiomycota Agaricomycetes

Ascomycota
Ascomycota

Ascomycota

Ascomycota

Ascomycota

Ascomycota

Ascomycota

Eurotiomycetes
Sordariomycetes

Dothideomycetes

Sordariomycetes

Sordariomycetes

Dothideomycetes

Dothideomycetes

Basidiomycota Agaricomycetes

Ascomycota

Ascomycota

Dothideomycetes

Sordariomycetes

Pleosporales

Agaricales

Mycocaliciales
Xylariales

Pleosporales

Magnaporthale
S
Xylariales

Pleosporales

Pleosporales

Agaricales

Pleosporales

Hypocreales

73

Alternaria sp.

Panaeolus sp.

Mycocalicium victoriae
Monosporascus sp.

Preussia terricola

Budhanggurabania
cynodonticola
Monosporascus sp.

Comoclathris sp.

Megacapitula sp.

Conocybe deliquescens

Laburnicola sp.

Gibberella nygamai

59

54

49

58

35

10

24

13
29

15
14

30
11

15

17

16

32

69

26

67
36

64
17

38
69

16

18

17

67

Plant Pathogen
Plant Saprotroph

Endophyte
Lichen Parasite
Plant Pathogen
Undefined
Saprotroph
Dung Saprotroph
Plant Saprotroph
Soil Saprotroph
*Lichenized

Plant Pathogen
Plant Saprotroph
Dung Saprotroph
Plant Saprotroph
Plant Pathogen

Plant Pathogen
Plant Saprotroph
Endophyte
Lichen Parasite
Plant Pathogen
Undefined
Saprotroph
Undefined
Saprotroph
Dung Saprotroph
Plant Saprotroph
Soil Saprotroph
Endophyte
Lichen Parasite
Plant Pathogen
Undefined
Saprotroph
*Animal
Pathogen
Endophyte
Fungal Parasite



28

24
37

25
62
35

58
49

39

67

7870

7774
6565

6323
6310
5924

5791
5784

5031

4794

Ascomycota

Ascomycota

Ascomycota

Basidiomycota

Ascomycota

Ascomycota

Ascomycota

Basidiomycota

Ascomycota

Ascomycota

Dothideomycetes

Dothideomycetes

Sordariomycetes

Agaricomycetes
Eurotiomycetes

Dothideomycetes

Dothideomycetes
Agaricomycetes

Dothideomycetes

Sordariomycetes

Pleosporales

Pleosporales

Hypocreales

Geastrales
Onygenales

Pleosporales

Pleosporales
Agaricales

Pleosporales

Sordariales

Curvularia buchloes

Trematosphaeria sp.

Fusarium algeriense

Geastrum sp.

Uncinocarpus sp.

Biappendiculispora sp.

Darksidea alpha
Chlorophyllum
arizonicum
Neostagonospora sp.

Cladorrhinum
flexuosum

52

33

43

40

29

18
34

32

56
11

18

2

81

20
67

10
41
52

83
12

61

42

Lichen Parasite
Plant Pathogen
Wood
Saprotroph
Endophyte
Lichen Parasite
Plant Pathogen
Undefined
Saprotroph
Undefined
Saprotroph
*Animal
Pathogen
Endophyte
Fungal Parasite
Lichen Parasite
Plant Pathogen
Wood
Saprotroph
Undefined
Saprotroph
Dung Saprotroph
Soil Saprotroph
Plant Pathogen
Undefined
Saprotroph
Endophyte
Undefined
Saprotroph

Fungal Parasite
Plant Pathogen
Plant Saprotroph
Undefined
Saprotroph

aSample Assignment: number of occurrences of OTU in biocrust (B) and root (R) samples; N = total occurrences across all samples
YPFUNGuild Assignment: An asterisk (*) denotes a confidence ranking of “Possible” (all other assignments are ranked “Probable” or
“Highly Probable™)
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Biocrust vs. root-associated fungal communities

We compared the overall similarity of biocrust and root taxa in control (no treatment)
plots and found that across all three experiments, biocrust samples had a greater number of
unique taxa (911 unique OTUs) compared to roots (597 unique OTUs), and the two sample types
shared ~12% of taxa across all experiments (n = 208 OTUs; Fig 3.2a). Within each experiment,
biocrust samples tended to have a greater number of unique OTUs compared to roots, and
MRME had the most similar number of unique OTUs in biocrusts and roots (Fig. 3.2b) while
NutNet and WENNDEX both had a higher number of unique OTUs in biocrusts compared to
roots (Fig. 3.2c-d). WENNDEX had the least amount of OTU overlap between biocrust and root
samples (only 8% of OTUs shared) and the highest proportion of unique biocrust OTUs overall
(Fig. 3.2d, Fig. 3.3a). Results from ANOSIM models indicated that the means of ranked
dissimilarities differed significantly between biocrusts and roots for each experiment, and R
values suggested greater dissimilarity between biocrusts and roots than within each sample type
group (ANOSIM for MRME: R = 0.85, P = 0.008; for NutNet: R = 0.84, P = 0.008; for
WENNDEX: R = 0.91, P =0.009; Fig 3.4). Within-group dispersion (average distance from
individual points to centroids of each group) also differed significantly among biocrusts and
roots for each experiment (PERMDISP P < 0.05), indicating that differences within groups
(particularly among root samples; Fig. 3.4) could potentially influence the significance of
treatment effects among groups, and interpretation of any further significant results should also

look at dispersion effects.
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(a) All Experiments (b) MRME
N=1716 OTUs N=813 0TUs

208
(12%)

(c) NutNet (d) WENNDExX
N =766 OTUs N=1036 OTUs

Sample Type
[] Biocrust

[] Root

83 86
(11%) (8%)

Fig 3.2 Fungal OTU overlap between biocrust and root communities in control (no treatment)
plots from (a) all three experiments combined; (b) MRME only; (c) NutNet expt.
only; (d) WENNDEX only. Values within each circle represent the number and
proportion (%) of total OTUs that are unique (only found in one sample type) or
shared between both sample types.

(a) Biocrust OTUs (b) Root OTUs

Experiment
] MRME
. NutNet
[C] WENNDEx
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Fig. 3.3 Fungal OTU overlap among biocrust and root communities in control plots (no
treatment) from 3 experiments. Values within each circle represent the number and
proportion (%) of total OTUs that are unique to one experiment or shared among
one or more experiments.

(c) WENNDEX

-0.5

(a) MRME (b) NutNet
1.0 o5
0.5
0.54
% @ A % § 0.0
2 0.4 9 ) A 8
“ Z 00- =
’ -0.5
.05
’ ! ’ i -0.54 10
05 00 05 1.0
NMDS1 -0.5 0.0 05 1.0
NMDS1

00 05
NMDS1

1.0

Sample Type
@ Biocrust
A\ Roots

Fig. 3.4 NMDS ordinations of Bray-Curtis distances between biocrust and root samples from
control plots only (no treatment) in each experiment: (a) MRME, (b) NutNet, (¢)
WENNDEZX. Analysis of Similarity (ANOSIM) indicated significant differences (P
=0.01) between sample types for each experiment. Ellipses represent 95%
confidence interval around centroid for each group. Note differences in axis scales.
NMDS stress value = 0.131.

To better understand the potential functional roles of biocrust and root fungi, we

determined the 30 most common taxa (nsequence reads > 5,000) found in control plots across

experiments to one or more fungal functional guilds using the FUNGuild database (Table 3.3).

The most frequent guild assignments were plant pathogens (22% of total), and undefined

saprotrophs (17%) followed by endophytes (14%), lichen parasites (11%), plant saprotrophs

(11%), and dung saprotrophs (7%). Making up 5% or less of the top 30 taxon guild assignments

were fungal parasites, soil and wood saprotrophs, animal pathogens, lichenized, and ephiphytic

fungi (Table 3.3). We also looked at trophic modes of unique and shared biocrust/root taxa (Fig

S3.3), and those found only in biocrusts were largely saprotrophs (39% of total), followed by
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pathotroph-saprotrophs (32%) and pathotroph-saprotroph-symbiotrophs (17%). Unique root taxa
had a higher representation of symbiotrophs (33%) and pathotroph-saprotroph-symbiotrophs
(38%), and fewer saprotrophs than biocrust taxa (14%). Shared taxa were mostly classified as
pathotroph-saprotrophs (33%) and saprotrophs (31%).
Responses to N fertilization
Diversity Metrics

For each experiment, we tested the responses of observed and estimated richness (Sobs and
Chaol), diversity (H), and evenness (J) to experimental N additions among biocrust and root
samples. At MRME (Fig. 3.5), our model results indicated significant responses of observed
OTU richness (Sebs main effect of treatment: X? = 15.34, P = 0.009), diversity (H* main effect of
treatment: X? = 53.98, P < 0.001) and evenness (J main effect of treatment: X2 = 47.81, P <
0.001) to experimental treatments (Table S3.1). Pairwise comparisons indicated that N addition
alone did not drive significant changes in either observed or estimated richness for either sample
type (P > 0.1; Fig. 3.5a-b), but did result in significant decreases for both sample types in
diversity (pairwise comparisons of H* in C vs. N for biocrust: t = 3.57, P = 0.015; for roots: t =
4.24, P =0.002) and in evenness (pairwise comparisons of J in C vs. N for biocrust: t = 3.78, P =
0.009; for roots: t = 3.98, P = 0.004) compared to controls (Fig. 3.5¢c-d). Results also indicated
significant interactions between sample type x treatment for all four response variables (P <
0.01, Table S3.1). Among sample types, root samples had greater observed and estimated
richness compared to biocrusts in control plots at MRME (pairwise comparisons of biocrust vs.
roots for Sons: t = -2.02, P = 0.055; for Chaol: t =-2.15, P = 0.04); however, there were no
significant differences in diversity or evenness among biocrusts and roots in either C or N

addition plots (Fig. 3.5).
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Fig 3.5 Alpha diversity metrics of fungal communities in biocrust and root samples from MRME
across 6 levels of N and water addition treatments levels including: (a) Taxon
(OTU) richness, (b) Chao Richness (¢) Shannon Diversity Index and (d) Pielou’s
Evenness Index. Points represent mean =+ standard error values, and lowercase
letters above points indicate significant post hoc differences (P < 0.05) among
treatments for each sample type and between sample types (biocrust vs. root) within
each treatment level.

At the NutNet experiment (Fig. 3.6), observed and estimated richness and diversity of
fungi in roots, but not biocrusts, showed significant declines (main effect of treatment for H*: X2
=4.39, P =0.036; Table S3.1) under N addition (pairwise comparisons of roots in C vs. N
treatments for Seps: t = 2.159, P = 0.05; Chaol: t = 2.077, P = 0.05; and H: t = 2,55, P = 0.02;
Fig. 3.6). Evenness in root communities also decreased under N addition, and this trend was
marginally significant (P = 0.06; Fig. 3.6). At NutNet, biocrust community richness, diversity
and evenness were unchanged among C and N treatments, and biocrust fungi showed no
significant directional responses to N addition treatments. Among sample types, biocrust

communities had significantly higher richness, diversity, and evenness compared to roots across
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both C and N treatments at NutNet (main effect of sample type for all 4 responses: P < 0.001;

Table S3.1).
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Fig 3.6 Alpha diversity metrics of fungal communities in biocrust and root samples from the
NutNet experiment across 2 treatment levels (control vs. N addition) including: (a)

Taxon (OTU) richness, (b) Chao Richness (¢) Shannon Diversity Index and (d)

Pielou’s Evenness Index. Points represent mean =+ standard error values, and
lowercase letters above points indicate significant post hoc differences (P < 0.05)
among treatments for each sample type and between sample types (biocrust vs.
root) within each treatment level.
WENNDEX had the highest richness values overall, but unlike the other two experiments,
there were no statistically significant differences apparent in any alpha diversity responses under
N addition treatments for either biocrust or root samples. Root samples showed slight trends

towards higher richness and diversity under N addition compared to C, but overall values were

consistently similar among C and N treatments within each sample type grouping (P > 0.3; Fig.
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3.7). Among sample types at WENNDEX (Fig. 3.7), similar to NutNet, biocrust communities had

significantly higher richness, diversity, and evenness compared to roots across both C and N

treatments (main effect of sample type for all 4 responses: P < 0.001; Table S3.1).
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Fig 3.7 Alpha diversity metrics of fungal communities in biocrust and root samples from
WENNDEX across 4 treatment levels (control, N only, water only, water + N
addition) including: (a) Taxon (OTU) richness, (b) Chao Richness (¢) Shannon
Diversity Index and (d) Pielou’s Evenness Index. Points represent mean + standard
error values, and lowercase letters above points indicate significant post hoc
differences (P < 0.05) among treatments for each sample type and between sample
types (biocrust vs. root) within each treatment level.
Community Similarity

At MRME, the similarity of fungal communities in biocrusts — but not roots — showed

significant changes under N addition treatments (Fig. 3.8, top panel; N treatment main effect for
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biocrust: pseudo-F = 1.75, P = 0.016; for roots: pseudo-F = 0.84, P = 0.694; Table 3.4).
Dispersion tests for both biocrust and root samples were not significant among C and N
treatments (P > 0.1) suggesting a valid treatment effect on the structure of biocrust communities
under N addition. A similar trend was observed at NutNet (Fig. 3.8, middle panel), with biocrust
community structure significantly changing under N addition (N treatment main effect for
biocrust: pseudo-F = 2.73, P = 0.016), but no significant changes to community structure of roots
(P =0.7; Table 3.4). However, the dispersion test for biocrust (but not roots) was significant
(PERMDISP P =0.009), which indicates that within-group dispersion could also be influencing
these results for biocrusts. At WENNDEX, neither biocrust nor root communities showed
significant changes in structure under N addition (P > 0.2 for both; Table 3.4; Fig. 3.8, bottom

panel), and dispersion was also not significant for either sample type in response to N additions.
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Fig. 3.8 NMDS ordinations of Bray-Curtis distances showing responses of biocrust (left) and
root-associated (right) fungal communities to N addition treatments within each of
3 experiments (MRME, NutNet, and WENNDEX). Note difference in axis scales
among sample types.
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Table 3.4 Results from perMANOVA models using 9999 permutations to assess the response of biocrust and root-associated fungal
community composition to experimental N and water treatments. The models for MRME and WENNDEX included the
main and interacting effects of N addition only, water addition only, and water + N addition treatments, while the model

for NutNet included the main effect of N addition treatment only. Significant values (P < 0.05) are bolded.

Biocrust Roots

Expt. Factor R?> Pseudo-F  df P R?> Pseudo-F  df P
MRME N Treatment 0.180 1.751 1 0.016 0.122 0.837 1 0.694
H20 Treatment 0.203 1.277 4 0.016 0.160 0.902 4 0.694

N:H20 (All treats.) 0.218 1.339 5 0.002 0.185 0.954 5 0.600

NutNet N Treatment 0.254 2.726 1 0.016 0.097 0.856 1 0.743
WENNDEX N Treatment 0.129 1.185 1 0.202 0.081 0.707 1 0.809
H20 Treatment 0.192 1.424 2 0.027 0.154 1.093 2 0.303

N:H20 (All treats.) 0.189 1.240 3 0.067 0.155 0.981 3 0.498
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Fungal Biomass

For soil fungal biomass measurements at MRME, mean soil ergosterol appeared to
increase in response to N addition and total ergosterol content differed the most among
treatments at MRME compared to the other two experiments (Fig. 3.9). Although this trend was
not statistically significant (Table S3.2), N addition plots had 1.8x more total ergosterol (0.58 ug
gt soil) compared to C plots (0.32 pg g™* soil; Fig. 3.9), and the second-highest total ergosterol
content measured overall. In contrast, C plots had the highest total FAME biomass (63.40 pug C
FAME g soil) measured overall, and the highest biomass ratio of bacteria:fungi (Table 3.5),
although differences among C and N addition treatments were not statistically significant for this
response (Table S3.2). The proportion of fungi out of total FAME biomass did not differ
significantly in response to N addition and values were overall similar (~10%) for both C and N
treatments (Table 3.5). Notably, MRME was the only experiment where bacterial FAME
biomarkers for both Actinomycetes and Methanobacter were detected, the latter only found in C
plots at MRME (data not shown).

At NutNet, mean soil ergosterol was slightly higher in C plots compared to N addition
plots, but these trends were not statistically significant (Table S3.2). NutNet also had the overall
highest total soil ergosterol content in control plots (0.64 pg g soil; Fig. 3.9) compared to the
other two experiments. The NutNet experiment also had relatively higher mean and total FAME
biomass in control plots as well as slightly higher proportions of fungi compared to N addition
plots (Table 3.5). AM fungal biomarkers were present in all C plots at this experiment. The ratios
of bacterial:fungal biomass were similar among C and N plots, and there were overall no

statistically significant responses to N treatments at NutNet (Table S3.2).

85



Soils from WENNDEX had similar mean ergosterol content overall (Fig. 3.9) and nearly
the same total soil ergosterol content among C and N addition plots (0.49 and 0.50 pg g™* soil,
respectively). WENNDEX soils had the most similar mean and total FAME biomass and the
lowest bacteria:fungi ratios among treatments compared to the other experiments (Table 3.5).
There were no statistically significant differences in ergosterol content or FAME biomass among

soils from C and N addition treatments at WENNDEX (Table S3.2).

Table 3.5 Mean + standard error and total soil microbial biomass as determined by fatty acid
methyl ester analysis (ug C FAME g soil) and proportions of FAME biomass from
bacterial (Actinomycetes, Gram Positive, Gram Negative, Methanobacter) and
fungal (Fungi, AM Fungi) guilds. Note: additional quantification of General and
Eukaryote FAME biomarkers (included in calculation of Total FAME biomass)
were not included in analyses.

Experiment Treatment Mean FAME Total Proportion Proportion Ratio of
Biomass FAME of Bacteria  of Fungi Bacteria:

Biomass Fungi

MRME Control 12.68 £ 2.18 63.40 0.391 0.109 3.60
N only 11.95+2.24 59.76 0.303 0.104 2.92

NutNet Control 11.80 £ 0.94 59.02 0.282 0.111 2.54
N only 9.18 £2.30 45.92 0.270 0.105 2.57

WENNDEX Control 9.31 +£0.66 46.55 0.232 0.114 2.04
N only 9.52 + 1.50 47.62 0.209 0.102 2.04
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Fig. 3.9 Mean soil ergosterol concentrations + standard error (ug g soil) used as a proxy for
fungal biomass in biocrust samples collected from control (no treatment) and N
addition plots within each experiment (N = 30). Values at the top of each bar
indicate the total amount of ergosterol summed across replicates (n = 5 for each
experiment x treatment group).

Root Colonization

At MRME, fungal root colonization did not show significant changes in response to N
addition alone (Fig. 3.10a), however, percent colonization by septate hyphae was significantly
higher than aseptate hyphae (Hyphal type main effect: X? = 57.53, P < 0.001; Table S3.3), and
on average the proportion of total views was ~2x higher for septate hyphae within roots of plants
from C and N addition treatments (pairwise comparisons of aseptate:septate in C plots: t = -4.45,
P <0.001; in N addition: t = -2.56 , P = 0.01). The interaction between hyphal type and
experimental treatment was also not statistically significant. At NutNet, there were no significant
differences in root colonization among hyphal types or among C and N treatments (Table S3.3),
although aseptate colonization was slightly higher in C plots for this experiment, trends were not
significant (Fig. 3.10b). At WENNDEX, aseptate colonization was significantly lower under N
addition compared to controls (Treatment main effect: X? = 12.37, P = 0.006), and septate hyphal
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colonization was ~3.5x greater in N treatments for this experiment (pairwise comparisons of

aseptate:septate in N addition only: t = 3.58, P = 0.007; Fig 3.10c). Septate and aseptate

colonization did not differ significantly in control plots at WENNDEX.
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Responses to changes in rainfall regime and water x N additions
Diversity Metrics

At MRME, there were significant declines in richness, diversity, and evenness of root
samples under experimental water treatments compared to controls (Table S3.1), and post hoc
pairwise comparisons indicated that both large and small combined water + N additions (LN and
SN) drove these trends, since decreases were apparent between control and water + N treatments
(Fig. 3.5). Richness of biocrust communities was largely unaffected by either water addition
treatment, although diversity and evenness showed a decreasing trend in C vs. large rainfall (L)
vs. LN and C vs. small rainfall (S) vs. SN treatments (Fig. 3.5c-d), although only one of these
decreases in evenness was statistically significant (pairwise comparison of Jamong C vs. LN
treats for biocrust: t = 3.04, P = 0.043). Results also indicated significant interactions between
sample type x treatment for all four response variables (P < 0.01, Table S3.1), and within
treatments, richness, diversity and evenness of root samples tended to be higher than biocrust for
L/S water additions only and tended to be lower than biocrusts in LN/SN water + N treatments
(Fig. 3.5).

For WENNDEYX, there were no significant effects of water additions on the responses of
either biocrusts or roots among treatments (Fig. 3.7), but within each treatment category the two
sample types differed significantly with biocrusts having significantly higher richness, diversity,
and evenness compared to roots across water only and water + N addition treatments (main

effect of sample type for all alpha diversity responses: P < 0.001; Table S3.1).

Community Similarity
In response to water addition only treatments at MRME, biocrust community

composition showed significant divergence from untreated C plots (H>O treatment main effect
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for biocrust: pseudo-F = 1.27, P = 0.016) and also shifted in response to all water + N treatment
combinations (Interacting effects of H,O x N treatments for biocrust: pseudo-F = 1.34, P =
0.002), however, root communities did not show significant shifts in composition under any
water treatment level or combination (Table 3.4; Fig. 3.11). Dispersion tests for both biocrust

and root samples were not significant among C and water treatments.
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Fig. 3.11 NMDS ordinations of Bray-Curtis distances showing responses of biocrust (left) and
root-associated (right) fungal communities in MRME to large (L) or small (S) water
additions and L/S water additions + N addition treatments. Note difference in axis
scales among sample types.

At WENNDEX, biocrust community composition shifted significantly compared to
controls (H20 treatment main effect for biocrust: pseudo-F = 1.42, P = 0.027; Table 3.4), and
pairwise comparisons indicate that these differences were driven by communities in water + N
treatments since water additions alone did not generate significant community shifts (pairwise
comparisons of water treatments for biocrust: C vs. H20: pseudo-F = 0.70, P = 0.947; C vs. H.0
+ N: pseudo-F = 1.92, P = 0.047; H20 vs. H20 + N: pseudo-F = 1.58, P = 0.047). Root
communities at WENNDEX did not show significant shifts in response to either water or water +

N treatments (Fig. 3.12). Dispersion tests were not significant among C and water treatments for

either sample type.
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Fig. 3.12 NMDS ordinations of Bray-Curtis distances showing responses of biocrust (left) and
root-associated (right) fungal communities in WENNDEXx to water and water + N
addition treatments. Note difference in axis scales among sample types.

Root Colonization

Fungal root colonization at MRME did not show significant changes in response to water
additions alone nor to water + N additions for either rainfall treatment level (Treatment main
effect: X2 = 1.55, P = 0.907; Table S3.3; Fig. 3.10a), however, percent colonization by septate
hyphae was significantly higher than aseptate hyphae across all treatments (Hyphal type main
effect: X2 =57.53, P < 0.001; Table S3.3), and the proportion of total views was 1.5-2x higher
for septate hyphae within roots of plants on average across C and water addition treatments
(pairwise comparisons of aseptate:septate in L rainfall addition: t =-2.91, P = 0.008; in S rainfall
addition: t =-3.99, P <0.001; in LN: t =-2.02, P =0.055, in SN: t =-2.483, P = 0.021). At
WENNDEX, root colonization by septate hyphae was similar across control and both water and
water + N treatments (Fig. 3.10c). Colonization by aseptate hyphae was similar in roots from C
and H20 only treatments but significantly lower in roots from H.O + N treatments compared to

those from controls (pairwise comparisons of percent aseptate in C vs. HoO + N: t =3.51, P =
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0.007). Between the two hyphal morphotypes, septate colonization was significantly higher
(Hyphal type main effect: X? = 19.23, P < 0.001; Table S3.3), and tended to be ~1.5-2x greater
than aseptate colonization in both water treatments (Fig. 3.10c). The proportion of septate
hyphae in roots was notably ~3.7x higher than aseptate colonization in H.O + N addition
treatments at WENNDEX (pairwise comparisons of aseptate:septate in HoO + N: t =-3.08, P =

0.008).

DISCUSSION
Overall patterns in fungal community composition

We found that across experiments and treatments, the majority (75%) of identifiable taxa
belonged to Ascomycota, and at the class level, Dothideomycetes predominated in both biocrust
and root samples with nearly half of the 30 most common taxa (based on sequence reads)
belonging to the order Pleosporales, which made up ~38% of all OTUs (n = 1106) overall. These
results are consistent with previous sequencing-based studies in New Mexico and Arizona,
which found ~50-60% of fungi in biocrust and rhizosphere soils were classified to Pleosporales
(Green et al., 2008, Porras-Alfaro et al., 2011, Bates et al., 2010). At a finer taxonomic
resolution, some of the most common taxa across all experiments and treatments were found in
an approximately equal number of biocrusts and root samples, and those included the genera
Darksidea, Aureobasidium, Gibberella, Fusarium, and Curvularia, all of which were classified
as fungal endophytes (among other functional classifications) through the FUNGuild database.
The detection of Darksidea fungi in all 60 biocrust samples and nearly all (56) black grama root
samples is notable as this was also the most abundant taxon in roots of blue grama at SNWR

(Herrera et al., 2010, Porras-Alfaro et al., 2008), and Darksidea is thought to be one of the most
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common DSE taxa in semiarid grasslands around the world (Knapp et al. 2012). The few
common basidiomycete taxa represented were mostly from the order Agaricales, one of which
(Conocybe) was also detected as a common taxon in a culture-based study of endophytes in blue
grama roots (Khidir et al. 2010). Overall, our results from the most common taxa within biocrust
soils and black grama roots support the results of previous comparative studies which used ITS
sequencing to examine similarities between biocrusts and blue grama roots (Green et al., 2008;
Porras-Alfaro et al., 2011). Ultimately, our data lend more robust support for the designation of
these common taxa due to much higher sample sizes than previous work and provide insight into
the potential similarities of fungi found in roots of both Bouteloua species at this site.
Biocrust vs. root-associated fungal communities

While the dominance of Ascomycete/Pleosporalean taxa was apparent in both biocrust and
root communities, the overall community structure was relatively dissimilar among the two
sample types. Biocrust and root samples each had higher proportions of unique taxa than they did
shared, and OTU overlap ranged from 8-12% in untreated plots across the three experiments.
Biocrusts had higher OTU richness, diversity, and evenness compared to roots in control plots at
two experiments (NutNet and WENNDEX) and there were more uncommon taxa from phyla
such as Chytridiomycota and Mucoromycota found in biocrust soils. These trends match a
previous comparison at this site which found 3x greater fungal diversity in biocrust and
rhizosphere soils compared to blue grama roots (Green et al., 2008), and overall biocrusts had
~1.5x higher OTU abundance compared to roots. Root communities showed greater within-
group variability among samples but were still distinct from biocrusts in C plots at every
experiment. There was also higher representation of arbuscular mycorrhizal fungi (AMF) in root

communities, as would be expected, with Glomeromycota making up 7-11% of sequence reads
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across root samples from three experiments and a very small proportion of reads (<1%) of
biocrusts from just one experiment (MRME). This pattern was also apparent in the proportions
of fungal trophic modes represented in unique taxa: 33% of root-specific taxa were classified as
symbiotrophs, compared to just 3% of those unique to biocrusts and 11% of taxa shared by both
biocrusts and roots. Our findings that Glomerales made up ~3% of total OTUs (n = 93), contrast
with prior culture-based and sequencing studies from SNWR that found no representation of
AMF in roots of blue grama (Bouteloua gracilis; Porras-Alfaro et al., 2008; 2011) or sand
dropseed (Sporobolus cryptandrus; Herrera et al., 2010). We can conclude that AMF are in fact
present in roots of black grama plants at this site, although likely at relatively lower abundance
compared to mesic ecosystems with greater organic soil horizons (Taylor & Sinsabaugh, 2015).
Responses to N fertilization

At MRME, biocrust fungal communities showed declines in diversity and evenness in
response to N addition alone (added at 5 g N m2 y™?), but observed and estimated OTU richness
were not affected. The proportional abundance of certain rarer fungi may likely decline under N
additions at this application rate, and the loss of these more sensitive taxa could lower the
diversity index of a given sample (as measured by the Shannon Index) although the total species
richness may remain unchanged. The loss of rare species under N fertilization may also impact
overall microbial community composition, and we observed significant compositional
differences in biocrust communities under N addition compared to samples from control plots at
MRME.

In addition to losing potentially sensitive or specialized fungi, this shift in community
structure could be due to a higher relative abundance and activity of taxa with broader growth

tolerances and more flexible life-history strategies, similar to compositional changes observed in
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soil bacterial communities under increased external N concentrations (Fierer et al. 2012). At
NutNet, biocrust fungal community composition also differed significantly under N additions (10
g N m2y™) but did not show significant changes in any diversity response. Other studies have
observed negative responses in biocrust fungal abundance under N fertilization due to soil
acidification from N fertilization (Ochoa-Hueso et al., 2016), although acidification may not
have as strong an impact in alkaline, carbonate-rich soils such those in our study (Stursova and
Sinsabaugh 2008). Fungal biomass has also been shown to decrease more severely with greater
duration and concentration of N fertilization (Treseder, 2008), and it is possible that in these
experiments, N fertilization may have influenced the spatial distribution and accumulation of soil
N resources over time, thus indirectly affecting the abundance and activity of soil fungi
(Stursova et al. 2006; Ladwig et al. 2021; Ochoa-Hueso et al. 2020).

For root-associated fungi collected from both MRME and NutNet experiments, the
overall community composition remained unchanged but there was a strong negative trend in
richness, diversity, and evenness responses under N addition. Other N fertilization experiments
have found decreased abundance of specialized fungal groups like arbuscular mycorrhizae under
N fertilization at similar rates (Leff et al. 2015; Egerton-Warburton et al. 2007), and the
responses of root-associated fungi are intimately tied with the responses of host plants. For
example, dryland plants are generally N-limited and increase aboveground biomass production
and cover under N fertilization (Xia and Wan 2008; Baldarelli et al. 2021), which can decrease
the proportion of C allocated to roots and to rhizosphere microbes (Meng et al. 2022; Johnson et
al. 2003; Corkidi et al. 2002). For some root-inhabiting fungi, reduced C from plant hosts could
initiate a shift in trophic mode from facultative symbiosis to saprotrophy, thus allowing them to

exploit organic matter substrates which may be more abundant following higher plant biomass
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production and leaf litter inputs in response to N fertilization (Johnson et al. 2013; Aguilar-
Trigueros et al. 2014). Finally, different plant hosts undoubtedly affect growth and coexistence
of diverse root and rhizosphere fungi through variation in root traits, photosynthetic pathways,
and seasonal biomass production (Sweeney et al. 2021; Ladwig et al. 2021), but since we
sampled the same dominant species at only one time point, exploring the influence of plant
responses on fungal community changes in N fertilized plots was beyond the scope of this study.

Prior studies at the WENNDEX observed that N fertilization treatments of 2 g N m? y!
significantly increased plant available N and aboveground net primary production (Collins et al.
2010), however neither biocrust nor root communities showed significant changes in any
diversity metrics or community structure under N addition treatments at this experiment.
Biocrust soils also had similar biomass among C and N treatment plots, and the lowest ratio of
bacteria:fungi according to FAME data. However, fungal root colonization by aseptate hyphae
decreased significantly between C and N treatments, and WENNDEXx was the only site where
this response to N addition was observed. Aseptate hyphae are associated with more basal
lineages of fungi, i.e., Glomeromycota and Mucoromycotina (Lanfranco et al. 2016; Stajich et al.
2009), and FAME data from WENNDEX soils show biomarkers for AM fungi in 8 out of 10
samples, the most out of the three experiments. While I did not specifically observe arbuscules in
WENNDEX roots, I did find high amounts of conidial hyphae surrounding root sheaths and in
cortical cells of black grama plants collected from this experiment. So it is possible that some
AM fungi could have experienced biomass declines under higher soil N availability to plant

hosts, although overall root community structure was unchanged.
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Responses to changes in rainfall regime and water x N additions

For biocrust communities at MRME, there was little effect of either large or small water
additions alone or in combination with N additions on diversity responses, however, biocrust
fungal community structure showed significant shifts in response to all levels of water and water
+ N addition treatments. Compared to controls, biocrust community composition was more
similar under large/infrequent (L) and small/frequent (S) rainfall additions and under the
combined large + N (LN) or small + N (SN) treatments, but also did not shift among L and
LN/SN nor S and LN/SN treatments, which indicates that biocrust communities may become
more similar under increased precipitation variability in this habitat. This could potentially be
driven by growth of few, dominant drought-intolerant community members once water
limitations desist (Crowther et al. 2014). These patterns may also reflect changes to the relative
abundance of fungi and the ratios of fungi:bacteria in soils under multiple environmental factors,
both of which decreased under combined precipitation + N addition experiments in another
grassland ecosystem (Yang et al. 2017).

Similarly, root fungal communities at MRME did not show strong diversity responses to
water additions alone, but richness, diversity and evenness of root communities were negatively
impacted by water + N additions at both levels compared to controls. In contrast to biocrusts,
root-associated fungi at MRME had relatively stable community structure under all levels of
water and water + N addition. These results indicate that community composition of roots could
potentially be more stable in response to one or more changing environmental drivers, but the
taxonomic diversity and abundance of root-associated fungi may decline if plant communities
are similarly released from water and nutrient limitation during the growing season (She et al.

2018). Under these conditions, plants may no longer rely as heavily on root and rhizosphere
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fungi to obtain soil water and nutrients, and plant-fungi feedbacks may be more strongly
influenced by availability of other limiting nutrients such as phosphorus (Hoeksema et al., 2010).
Fungal root colonization similarly did not show strong responses to water treatments at MRME,
and there was a consistent pattern of higher septate > aseptate colonization across all
experimental treatments.

At WENNDEX, diversity metrics of both biocrust and root communities were not
significantly impacted among control, water, and water + N treatments; however, biocrusts had
consistently higher richness, diversity, and evenness compared to roots across all treatments.
Similar to the responses from MRME, biocrust community composition only showed significant
changes under water + N treatments, but not water addition alone, compared to controls. In root
communities at WENNDEXx, composition was unchanged by either water or water + N additions,
however root colonization by aseptate fungi showed the largest decreases under water + N
additions compared to controls. This pattern was similar to the significant declines in aseptate
colonization seen under N additions, which could suggest a negative feedback between N
fertilization and growth of potentially mycorrhizal fungi, which has been demonstrated in
drylands as well as other ecosystems (Hoeksema et al. 2010; Antoninka et al. 2011).

Overall, the responses observed in both experiments align with findings from another
Chihuahuan Desert grassland study where there was no change to saprophytic fungal community
structure (as measured by soil FAME levels) under high precipitation variability over the course
of a 3-year experiment (Bell et al. 2009). It is possible that changes to soil moisture alone do not
drive changes in biocrust or root fungal community diversity, but the indirect effects of water on
increasing soil nutrient availability likely serves an important role in plant and microbial

community responses (Schimel et al. 2007; Ramond et al. 2022). Multiple changing
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environmental factors such as water and N deposition affect plant-soil interactions and may
control seasonal feedbacks with important implications for ecosystem nutrient cycling and
retention in drylands and other ecosystems (Jia et al. 2023; Parker and Schimel 2011). Overall,
these patterns indicate that biocrust and root fungal communities in this experiment may show
limited responses to water addition alone, especially applied early in the year (January-March) as
is the case for WENNDEX.

Across experimental treatments, we observed greater compositional shifts in biocrust
communities compared to root-associated fungi in response to N, water, and water + N additions,
especially in the MRME experiment. Overall, the structure of root fungal communities was
relatively unaffected among the various levels of experimental treatments, and these differences
could be due to several factors. First, fungi in root microhabitats are better protected from
environmental changes and may have narrower environmental tolerances compared to
communities at the soil surface that experience fluctuations in external conditions (Crowther et
al., 2014; Rudgers et al., 2022). Plants also cultivate specialized communities of obligate or
facultative root symbionts including mycorrhizae and other non-pathogenic endophytes (Porras-
Alfaro and Bayman 2011; Requena et al. 2007), and the assembly of these communities may be
inherently more stable over time due to fungal transmission in plant propagules, such as clonal
reproduction in grasses like black grama (Peters 2002) and/or production and germination of
endophyte-containing seeds (Rodriguez et al. 2009). Another important factor driving these
responses could be the relatively high number of unique taxa in biocrust soil communities
compared to roots. Soil microhabitats contain many functional niches and thus may have a
greater number of rare community members to potentially lose or change in response to

environmental perturbations. Compared to root-associated fungal communities which may be
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more functionally similar or uniform due to the constraints of living within plant tissues, changes
to the abundances of these diverse soil taxa may drive more dramatic shifts in soil communities

under altered conditions (Zhang et al. 2016).

CONCLUSIONS

Overall, we found evidence for the presence of distinct communities of fungal taxa in
biocrust soils and black grama roots across the three experiments sampled. Although DSE taxa in
Pleosporales accounted for nearly half of all OTUs, biocrusts had a relatively higher amount of
unique OTUs compared to roots, and surface soil communities likely contain more diversity
from unclassified fungal taxa at this site compared to root microsites. Under N fertilization
treatments > 2 g m y™!, biocrust fungi showed significant shifts in community composition, but
had fewer declines in richness, diversity, evenness, and biomass compared to roots. At MRME,
biocrust fungal community structure significantly shifted in response to water and water + N
additions while root community structure was less impacted by water addition treatments, but
root fungi showed significant declines in richness, diversity and evenness under water + N
additions. This indicates that the effects of multiple environmental drivers on the diversity,
abundance and colonization of root-associated fungi may be stronger than singular changes
alone. We observed that black grama root communities overall are lower in diversity and
abundance compared to biocrust soils, but may exhibit more stable community composition
under changing external conditions, even if declines in taxonomic diversity are evident. Overall,
predicted changes to dryland ecosystems such as increases in precipitation variability and
drought periods, and higher anthropogenic N inputs to soils may drive changes to the

composition of biocrust soil fungal communities and could decrease root-associated fungal
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diversity and abundance. Both feedbacks will have larger consequences for C and N cycling and

retention and overall functioning of microbial and plant communities in these ecosystems.
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Chapter 4: Fungal exclusion does not impede movement or plant uptake of biocrust soil
nitrogen

ABSTRACT
In dryland ecosystems, diverse microbial communities are concentrated in the topmost layers of
soil in plant interspaces due to the presence of biological soil crusts (biocrusts). It has been
hypothesized that soil fungi that also colonize plant roots may facilitate the exchange of water
and nutrients such as nitrogen (N) and carbon (C) between biocrusts and plants via a network of
shared hyphae, effectively re-coupling cycles of nutrient release and uptake between these
primary producers and minimizing ecosystem N losses. However, the number of direct tests of
fungal nutrient exchange networks in drylands is limited. In this study, we attempted to isolate
the role of fungi in nutrient translocation between biocrust soils and individual plants. We set up
a series of experiments using two types of fungal exclusion mesh to impede potential
connections between roots and hyphae, and used isotopic tracers to track nitrogen movement
through soils and into aboveground plant tissues over time. We found that plant uptake of °N
applied to biocrust soils was not inhibited by either vertical or horizontal mesh treatments or
surface soil barriers, and excess N in leaves was higher after 3-10 days versus 1 day following
application. Overall, our results illustrate that N transfer in these soils does not occur at rapid
timescales and may be driven by soil diffusion of dissolved nutrients to plant root zones, rather

than active fungal facilitation.

INTRODUCTION
The high spatial variability of soil nutrients affects plant growth and establishment, and

plant cover in these ecosystems is generally discontinuous based on the availability of soil water
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and essential nutrients such as nitrogen (Delgado-Baquerizo et al. 2013). In plant interspaces, the
topmost 0-2 cm of soil is often colonized by diverse communities of photoautotrophic organisms
known as biological soil crusts (biocrusts), which are estimated to cover approximately 12% of
Earth’s terrestrial surface (Rodriguez-Caballero et al. 2018) and serve important functions in
biogeochemical cycling in dryland ecosystems around the world (Weber et al., 2022).

Biocrust constituents can include cyanobacteria, algae, fungi, bacteria, lichens,
bryophytes and other organisms, and in North American deserts, these communities contain
filamentous free-living and symbiotic cyanobacteria that can aggregate soil particles and fix
atmospheric carbon (C) and nitrogen at the soil surface (Barger et al. 2016). Biocrusts can
function as alternate primary producers to plants due to their widespread cover on the surface of
undisturbed interspace soils (Belnap et al., 2016; Garcia-Pichel et al., 2013). In addition to
mediating soil nutrient inputs via C and N fixation, biocrusts also capture nutrients from airborne
dust and organic matter and can internally transfer and redistribute N within soils (Barger et al.
2016). Dryland microbes such as bacteria and fungi can rapidly mineralize N sources and control
N transformation processes such as nitrification (Collins et al. 2008), and thus serve important
roles in the movement and retention of soil nutrients in these otherwise nutrient-poor
environments.

For dryland plants, primary production and carbon cycling processes are limited by the
availability of both water and inorganic and organic N sources to roots (Hooper and Johnson
1999), and competitive interactions within and among plant species are driven by the distribution
and supply of soil nutrients (Chesson et al. 2004). Furthermore, bioavailable sources of soil N
can be depleted or lost to the atmosphere within 24 hours if plant root uptake is decoupled from

microbial release following a precipitation event (Brown et al. 2022; Homyak et al. 2016; Austin
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et al. 2004). In drylands with high ecosystem N losses, it has been proposed that soil fungi may
facilitate the exchange of water, carbon, and nutrients between plants and biocrusts, effectively
re-coupling these producers and retaining resources in the biotic pool (Collins et al. 2008;
Rudgers et al. 2018). This connection, also known as the “fungal loop,” operates parallel to—and
may dominate over —the more familiar C and N cycling patterns in mesic systems, which are
driven by litter input and subsequent mineralization of soil organic matter (SOM; Schimel and
Bennett 2004).

There are several direct tests of nitrogen movement from biocrusts to plants, including
key field experiments which used stable isotope *°N tracers to successfully trace the movement
of N solutions applied directly to biocrust soils into plant root and leaf tissues (reviewed by
Rudgers et al. 2018). While these studies did not necessarily isolate fungi as the sole N
movement vector, there are several lines of indirect evidence supporting the role of fungal
networks in dryland nutrient movement. First, the dominance of fungi in dryland N.O production
indicates that fungi are key agents of N transformation in dryland soils (McLain and Martens
2006; Crenshaw et al. 2008; Chen et al. 2015). Second, fungi, particularly the Ascomycota that
dominate dryland soils, can metabolize at lower water potentials than either plants or bacteria
and may be physiologically active under dry conditions (Chowdhury et al., 2011; Stevenson et
al., 2015). Third, networks of fungal hyphae can effectively increase water conductivity in dry
soils by bridging gaps across soil pores (Allen 2007; Boddy 1999), and studies have shown that
fungal hyphal networks can translocate water from plant roots even under drought conditions
(Querejeta et al., 2003), so it is likely that fungi could facilitate movement of C and N among
biocrusts and plants. Fourth, there is general taxonomic overlap among ascomycete fungi that

colonize plant roots (DSE) and fungi found in surface soil biocrust communities (Bates et al.
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2012; Green et al. 2008), and these shared taxa could potentially be functionally integrated and
facilitate water and nutrient exchanges among biocrusts and roots.

In this study, we aim to test a key aspect of the fungal loop hypothesis by isolating the
role of fungal hyphae in nutrient exchange and retention among biocrusts and plants. Our main
questions are: (1) How rapidly does N translocation occur from biocrust surface soils to plant
leaves, and are there common patterns of N uptake across study sites and plant species? We
expect to see rapid plant uptake to leaves within ~24 h, based on a previous greenhouse
experiment (Chapter 2) where N movement from roots to leaves of target species occurred on the
scale of 12-48 h and a field study where significant uptake of >N was documented within 24
hours of application to biocrust soils < 1 m away (Green et al., 2008); and (2) Can *N movement
through biocrusts be impeded by fungal exclusion mesh or other barriers placed in soils? If the
fungal loop hypothesis is correct, we expect to see a decrease in N translocation in response to
vertical and horizontal fungal-exclusion mesh treatments. This expectation is based on previous
experiments with mycorrhizal fungi as well as one potted-plant study where the transfer of °N
between biocrusts and plants was marginally reduced under different rainfall treatments by
impeding fungal connections to roots using a similar mesh barrier (Dettweiler-Robinson et al.

2020).

METHODS
Site description

We compared two semiarid grassland sites in New Mexico; the Sevilleta National
Wildlife Refuge (SEV; 34.338 N, -106.735 W, 1605 m) and the Jornada Experimental Range

(JOR; 32.5879 N, -106.74200 W, 1360 m), both of which are part of the Long-Term Ecological
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Research (LTER) network. These sites were chosen because they share features representative of
diverse Northern Chihuahuan Desert ecosystems and have grass- and shrubland transition zones
where soil nutrient dynamics, resource competition, and ecosystem functioning are actively
shifting (J. Chen et al., 2015; Schaeffer et al., 2003). Both sites are characterized by broad
temperature ranges, (~2-26 °C annually) and variable annual precipitation (200-300 mm) with
the majority of rainfall occurring during the monsoon season (July to September), and some
precipitation during the winter months (Notaro et al., 2010; Pennington & Collins, 2007).
Species descriptions

Black grama (Bouteloua eriopoda) is a long-lived, stoloniferous perennial C4 grass with
fibrous, finely divided roots concentrated in the upper 5 — 10 cm of soils (Burnett et al., 2012;
Gibbens & Lenz, 2001; Kurc & Small, 2004). At JOR, black grama grasslands have experienced
significant declines due to shrub encroachment driven by grazing, drought and other factors
(Peters & Gibbens, 2006). At SEV, black grama accounts for up to 80 — 90% of cover within
nearly monospecific Chihuahuan Desert grassland habitats and is considered a foundation grass
species (Collins et al. 2020; Muldavin et al. 2008). Broom snakeweed (Gutierrezia sarothrae) is
a woody, perennial Cs subshrub with a taproot that can extend to 1-2 m below the soil surface
that allows for rapid subsoil water uptake (Gibbens & Lenz, 2001; Wan et al., 1995). Within
Chihuahuan Desert grasslands at SEV, snakeweed is a sub-dominant species that has shown
marginal cover increases in response to N addition (Collins et al., 2010). Biocrusts at both study
sites are cyanobacteria-dominated communities containing filamentous species of Microcoleus,
which form bundled filaments that bind soil particles together in the surface layer (Fernandes et
al., 2022). At SEV, biocrusts can also contain heterocystous, nitrogen-fixing cyanobacteria such

as Scytonema and Nostoc spp. in addition to Microcoleus spp. (Fernandes et al., 2018).
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Field plot set-up

In 2016 and early 2017, we set up 50 cm x 50 cm plots at both sites to surround a target
plant individual with an adjacent, intact biocrust patch. The plots were split into two rectangles:
we added aluminum flashing in a rectangle 50 cm x 25 cm to a depth of 8-10 cm to isolate the
target plant on one end and biocrust patch on the other end (Fig. 4.1) and designated the adjacent
50 cm x 25 cm rectangle using pin flags instead of aluminum flashing on three sides (Fig. 4.2).
These unconstrained plot halves were used to collect soil samples without disturbing the
biocrusts inside the flashing where N tracer addition occurred.

In 2017, we installed a “vertical” mesh component to a subset of plots (Fig. 4.1) to
exclude connections between fungal hyphae and B. eriopoda plant roots. We placed hydrophilic
mesh (GE Healthcare Life Science, Pittsburg, Pennsylvania) vertically at the center of each plot
(approx. 25 cm wide x 10 cm deep) using two mesh types: coarse mesh (50 um diameter pores),
which allowed fungal hyphae (but not plant roots) to penetrate; and fine mesh (0.45 um diameter
pores) which and impeded both roots and fungal hyphae (Fig. 4.2a). Although we could not
completely eliminate potential movement below 10 cm or around the edges of the mesh, this
technique impeded the majority of the surface area between biocrusts and plants on opposite
sides of each plot. Control plots were undisturbed without any mesh installed.

In 2018, we installed a 2 cm barrier to determine if transport was occurring in the
uppermost biocrust soil layers or at deeper soil depths. We cut a 25 cm x 2 cm piece of
aluminum flashing and placed it 10 cm from the base of target plants to separate the biocrust end
from plants (Fig. 4.1). Controls were undisturbed with no 2 cm barrier. We replicated this with
individuals of G. sarothrae in addition to B. eriopoda at both JOR and SEV sites during the

monsoon season in 2018.
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In 2019, we installed a “horizontal” mesh component using the same coarse and fine
mesh as in 2017 to a subset of B. eriopoda plots to impede fungal-root connections in shallow
soil layers. Top layers of soil (~0-2 cm) were watered to minimize crust breakage and
disturbance, and then carefully lifted up away from the soil surface to place pieces of flat mesh
directly underneath each biocrust patch (Fig. 4.1). Soils were then placed back over the mesh
layer with minimal disturbance to the surface crust structure (Dettweiler-Robinson et al., 2020).

Controls were undisturbed with no mesh barrier.
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Fig 4.1 Field plot diagram showing plant and biocrust ends and three types of fungal exclusion
treatment based on experiment year: (a) Vertical mesh in 2017; (b) 2 cm barrier in
2018; and (c) Horizontal mesh in 2019. Based on an illustration by K. Young.
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Fig 4.2 Field plot set-up for individual plants and biocrust patches at JOR: (a) B. eriopoda with
vertical mesh installed in center; and (b) G. sarothrae (no treatment)
I5N tracer application
All raceways were weeded for annual and non-target plants 1-2 weeks prior to tracer
addition; we also measured target plant diameter at the base (B. eriopoda) or canopy (G.
sarothrae) and perpendicular diameter in the field and built allometric equations for each
species/site to estimate aboveground biomass without harvesting individuals at each site. Prior to
tracer addition, plots were watered in the early morning for an equal length of time until the
surface was visibly wet in order to ensure plant and microbial activity. We did not apply *N
tracer to biocrusts until the soil surface in each plot was visibly dry (~1 h at Jornada, ~3 h at
Sevilleta). In the 2017 experiment, we added 1.0 mL of 48 mmol L potassium nitrate solution
(98 at% K®NOg; Sigma-Aldrich, Inc., St. Louis MO, USA) directly to a 5 cm diameter patch of
biocrust soil using a pipette (0.71 mg N per plot). In 2018 and 2019, we used a combined
inorganic tracer >NH4NO;s at significantly higher solution concentrations: 11.6 mg N per plot

in 2018 and 12.6 mg N per plot in 2019, due in part to low °N recovery in 2017 plots. These
109



latter tracer concentrations were chosen to match the methods of a prior study in the same
ecosystem (Green et al., 2008) where 12.5 mg (an amount the authors determined to be
approximately 0.5% of the N stock of surrounding biocrust and grass foliage) of Na®NO3 was
added to biocrust patches 3 cm in diameter.
Sample collection and processing

To determine if the °N tracer was found in plant tissues, we collected 5-10 leaf samples
from plots on day 0 (pre-tracer addition), day 1, day 3, day 7 or 10, and day 365 (1 year post
application). Samples were dried for 3 days at 60 °C and then ground in 2 mL plastic bead beater
tubes (Thermo Fisher Scientific, Waltham, MA, USA) using metallic beads for 2 x 30 s to fully
homogenize all tissues. Approximately 4.5 mg of ground leaf material was then packed in
aluminum capsules (CE Elantech, Lakewood, NJ) for isotopic >N analysis at the Center for
Stable Isotopes (University of New Mexico) on an ECS 4010 Elemental Analyzer and a Delta V
Isotope Ratio Mass Spectrometer (Thermo Fisher Scientific, Waltham, MA, USA).
Response Variables

Nitrogen isotope ratios were expressed in 6 notation (%o) using atmospheric N> as the
standard (Mariotti 1983). Leaf samples collected prior to tracer addition (day 0) were used to
calculate natural abundance or background §'°N values for each species (B. eriopoda and G.
sarothrae) at each site (see Table 4.1). We used these average natural abundance values to
estimate species-specific “enrichment cutoff” values by fitting a kernel density function to each
set (one set per species x location; Warren and Silverman 1987) and selecting the 99th percentile
as the cutoff value. We considered post-addition leaf samples with §'°N values above the
respective species cutoff value to be “enriched”, and those with §°N values equal to or below the

species cutoff as “unenriched”. For our analyses, we used a subset of enriched leaf samples out
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of the total collected (Table 4.2) and excluded day 0 samples (leaves collected prior to °N tracer
addition) from analysis. For enriched samples only, we first determined the total mass of all N
(Msample) in leaves using the following equation:

Miample = Y0Npiane X adWpjant

where %Nopiant IS the average %N across all leaf samples of the same plant, and adwpiant is the total
aboveground dry weight (adw) of all leaf samples plus the final harvested biomass from the plant
in milligrams. We then determined the proportion of N measured in each leaf sample (F) using

the following equation:

R
F_(1+R)

where R = sample §°N value converted to atom %. We then calculated the total mass of N in
each post-addition sample (Miabeled) Using the following equation (Robinson, 2001):

Mlabeled = Msample X F

We did the same for all leaves collected at Time O to calculate the total mass of °N in each
natural abundance sample (Mbackground). WWe then subtracted Mpackground (M) from Miapeled (MQ) to
determine excess N, or the total mass of °N recovered in leaves in excess of natural abundance

(mg and pg ©°N per g leaf dry biomass).

Table 4.1 Leaf natural abundance + standard error and calculated enrichment cutoff 315N values
(permille, %o) for two plant species (B. eriopoda and G. sarothrae) at two sites
(JOR and SEV). Because both species were not used for mesh-based experiments at
both sites every year, an “N/A” indicates that there were no experimental units for
that year and and an “--” indicates that '°N natural abundance values were used
from another season and/or year (duplicate values italicized). All values from
monsoon season only.
JOR SEV
Plant Species  Year 3®N  Cutoff 5°N  Cutoff
B. eriopoda 2017 0.99+0.19 3.84 -0.85+0.13 1.70
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2018 -- 3.84 -0.06 + 0.26 1.88
2019 N/A N/A -216+0.18 -1.23

G. sarothrae 2018 -- 2.98 0.76 £ 0.41 2.98

Table 4.2 Sample sizes of “enriched” leaves for each species at JOR and SEV from three years
of mesh experiments. Note that G. sarothrae was only used in 2018 and a mesh
experiment was only done at SEV in 2019.

Site
Plant Species  Year JOR SEV N
B. eriopoda 2017 16 20 36
2018 0 5 5
2019 N/A 24 24
G. sarothrae 2018 6 8 14
Total 79

Analysis

We performed all statistical analyses in R version 4.2.2 (R Core Team 2022). To answer
Questions 1 and 2, a linear mixed-effects (Ime) model was fit by maximum likelihood using the
‘Imer’ function in the Ime4 package version 1.1-27 (Bates et al., 2015) to compare excess N of
plant species among experimental treatments and sites. Response data for each year were log-
transformed in order to improve the normality of residuals. Because the experiment treatments
and sample sizes differed, one model was fit for each year (2017, 2018, 2019). The full Ime
model for 2017 included mesh type (coarse, fine, or none), site, and day collected and their
interactions as categorical fixed effects. For 2018, the linear model included mesh type (2 cm or
none), day collected, plant species (B. eriopoda and G. sarothrae) and their interactions as fixed
effects. Data from both sites were combined for 2018 due to limited sample sizes of enriched
samples for each species. For 2019, since the experiment was only performed at one site (SEV)

the model included mesh type and day collected and the interaction of mesh type:day as fixed
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effects. The Ime models also included plot ID as a random effect to account for repeated
collection of leaves from the same plot over multiple days. All models met the assumption of
normality of residuals (Shapiro-Wilk test P > 0.05). The significance of main effects and
interactions was assessed via analysis of deviance Type II tests using the ‘Anova’ function in the
car package version 3.0-10 (Fox et al., 2012). Post hoc pairwise comparisons of treatment
means for main effects and interactions among for each year were performed in the emmeans
package version 1.6.1 (Lenth, 2021). P values were adjusted for multiplicity using the Tukey
method for varying family sizes, and all pairwise comparisons of means used the Kenward-

Roger degrees-of-freedom method and a 0.95 confidence level.

RESULTS
Patterns in N uptake across time, study sites and plant species

We found that across all experiments, plant *°N uptake was low, and we did not see
significant movement of N into leaves after 24 hours (1 day) following tracer application to
biocrusts < 50 cm away despite the fact that we confirmed active water uptake and
photosynthesis in the target plants prior to tracer application. Across all treatments and years,
average excess N values of B. eriopoda leaves collected 3 days following *°N tracer application
were 53.0 + 8.7 ug °N per g leaf dry biomass; by 7 days they were 61.0 + 7.0 pug **N per g leaf
dry biomass; and by 10 days they were 76.2 + 22.2 ug **N per g leaf dry biomass (enriched
samples only). Leaf samples (n = 15) collected from living B. eriopoda plants one year following
the 2017 monsoon season tracer application at SEV were considered N-enriched, and the average

excess N across all treatments was 31.6 + 21.5 g °N per g leaf dry biomass (Fig. 4.3).
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Among study sites, we had sufficient sample sizes to compare the two locations in 2017
and observed significant trends in excess N uptake (main effect of site: X2 =6.36, P = 0.011;
Table 4.3) over time. After 10 days, leaves from B. eriopoda plants at JOR tended to have
significantly greater excess N values compared to SEV (main effect of day collected: X? = 12.48,
P =0.006; Table 4.3); and on average, plants in control plots at JOR took up ~74x more N than
those at SEV, and plants in coarse mesh plots took up ~45x more N at day 10 (Table S4.1). This
trend was significant for control plots with no mesh added (pairwise comparison of no mesh at
JOR vs. SEV at day 10: t = 2.21, P = 0.034) but not for coarse mesh plots (pairwise comparison
of coarse mesh at JOR vs. SEV on day 10: t = 1.20, P = 0.286). At SEV, there was also a
significant trend across days collected for control plots only, and leaves had significantly greater
excess N after 365 days compared to 10 days (pairwise comparison of control plots at SEV on

day 10 vs. day 365: t =-2.37, P = 0.025).

Table 4.3 Results from linear mixed effects ANOVA model for the 2017 experiment testing for
main and interacting effects of vertical mesh type (coarse, fine, none), site (JOR vs.
SEV) and day collected (3, 10, 365) on excess N (mg "°N per g leaf dry biomass) of
B. eriopoda plants. Significant values (P < 0.05, Type II Wald Chi-square tests) are

bolded.
2017 Leaf Excess N
Predictors df X? P
Mesh Type 2 1.32 0.516
Site 1 6.36 0.012
Day Collected 3 12.48 0.006
Mesh Type: Site 2 0.26 0.877
Mesh Type: Day Collected 3 0.26 0.967
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Fig. 4.3 Excess '°N values in leaves from B. eriopoda individuals (N-enriched samples only)
collected 3, 10, and 365 days following '°N tracer application to biocrusts in the

2017 monsoon season mesh experiment plots (treatments: vertical coarse mesh, fine
mesh, or no mesh) at both JOR and SEV sites. An “NA” indicates no enriched

samples for that site/collection day, and significant pairwise comparisons (P < 0.05)

are indicated by an asterisk.

Among plant species, in 2018 we combined data from both JOR and SEV to compare N

uptake in B. eriopoda and G. sarothrae plants and found some notable differences among the

two species, although this was not strongly statistically significant (main effect of plant species:

F =3.23, P 0.094; Table 4.4). After 3 days, G. sarothrae leaves had ~9x higher excess N than

those of B. eriopoda in no mesh treatments and ~6x higher excess N in 2 cm mesh treatments

(pairwise comparison of species averaged across treatments: t = -1.92, P = 0.076; Table S4.1).

There was not sufficient data from enriched samples to compare differences among the two

species after 365N days; and the excess N value for one B. eriopoda sample from 2018 (2 cm

mesh) was 1.1 pg °N per g leaf dry biomass (Fig. 4.4).
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Table 4.4 Results from linear ANOVA model for the 2018 experiment testing for main and
interacting effects of mesh type (2 cm vs. none) and plant species (B. eriopoda vs.
G. sarothrae) on excess N (mg '°N per g leaf dry biomass); data was combined
from two experiment sites to have adequate sampling sizes.

2018 Leaf Excess N

Predictors df F P

Mesh Type 1 0.94 0.349

Plant Species 1 3.23 0.094

Mesh Type:Species 1 0.48 0.500

B. eriopoda G. sarothrae
10.0 - 2018
Mesh Type
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Fig. 4.4 Excess '°N in leaves collected from B. eriopoda and G. sarothrae individuals (N-
enriched samples only) collected 3 and 365 days following '°N tracer application to
biocrusts in the 2018 monsoon season mesh experiment plots (treatments: 2 cm
barrier in biocrust layer vs. no barrier). Note that both JOR and SEV data were
combined for this year due to low sample sizes of N-enriched plants for each plant
species. An “NA” indicates no enriched samples for that species/collection day.
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Effects of fungal exclusion mesh

In 2017, the amount of *N tracer that made it into leaves of B. eriopoda plants was not
significantly different among the two types of vertical mesh treatments compared to control plots
(main effect of mesh type: X2 = 1.32, P = 0.516; Table 4.3). At JOR, after 10 days, there was a
slightly higher amount of excess N in leaves from control plots compared to fine mesh, however
this trend was not statistically significant, and excess in in leaves from coarse mesh plots was
marginally significantly different from controls (pairwise comparison of coarse/no mesh at day
10: t =-2.45, P = 0.053, Fig. 4.3). At SEV, there was no difference observed among controls vs.
coarse mesh treatments after 10 days following application (Fig. 4.3). One year following
application, there tended to be higher leaf excess N on average in controls compared to coarse
and fine mesh treatments at SEV, however this trend was not statistically significant based on
post hoc testing (Fig. 4.3). 8*°N values of roots collected after 60 days at JOR also indicate that
plants at this site may have also retained N in belowground tissues > 10 days following
application (Fig. S4.1).

In the 2018 experiment, plants of each species showed similar N uptake among the two
mesh treatments on average, and after 3 days there was no significant difference for either B.
eriopoda or G. sarothrae in leaf excess N in plots with a 2 cm barrier vs. controls (main effect of
mesh type: F = 0.94, P = 0.349; Table 4.4). However, the sample sizes for B. eriopoda were
relatively low and this may obscure treatment responses for this species (Fig. 4.4).

In 2019, B. eriopoda plants with horizontal mesh placed underneath the surface soils did
not show apparent differences in excess N uptake compared to controls after 3 or 7 days (main
effect of mesh type: X2 = 3.74; P = 0.154; Table 4.5), and both coarse and fine mesh treatments

had similar amounts of mean excess N on average across both collection days, while plants in
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control plots tended to take up less N than either of the two mesh treatments (means + SE for
coarse = 89.1 + 16.9; fine = 70.6 + 9.1; none = 45.4 + 3.6 ug °N per g leaf dry biomass; Table
S4.1), and while there appeared to be a similar pattern of higher uptake in plants in coarse mesh
over fine mesh over control treatments among the two days collected, this trend was not

statistically significant (Fig. 4.5).

Table 4.5. Results from linear mixed effects ANOV A model for the 2019 experiment testing for
main and interacting effects of horizontal mesh type (coarse, fine, none) and day
collected (3, 7) on excess N (mg '°N per g leaf dry biomass) of B. eriopoda plants
at one experiment site (SEV).

2019 Leaf Excess N
Predictors df X2 P
Mesh Type 2 3.74 0.154
Day Collected 1 0.71 0.399
Mesh Type:Day Collected 2 1.08 0.584
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Fig. 4.5 Excess '°N in leaves collected from B. eriopoda individuals (N-enriched samples only)
collected 3 and 7 days following !°N tracer application to biocrusts in the 2019
monsoon season mesh experiment plots (treatments: horizontal coarse mesh, fine
mesh, or no mesh). Note that experiments were only conducted at SEV in 2019.
DiSCUSSION
Overall, we did not find conclusive evidence that plant N uptake to leaves was impeded
by physical fungal or root exclusion barriers in soils across three years of experimental
manipulations. In general, movement of °N tracer into plants was very low across all three
experiments and this was reflected in the low proportion of N-enriched leaf samples out of the
total (22% of samples) collected during monsoon season experiments at each site (Table 4.2).
After seeing such low rates of uptake in 2017, we tried to ameliorate this in the field by adding
substantially more N tracer to plots in 2018-2019 experiments, but sample sizes for N-enriched
leaves were relatively low across all three experiment years.
Patterns in N uptake across time, study sites and plant species
Previous dryland experiments have shown that *°N from different forms of inorganic and
amino acid-N forms (i.e., nitrate, ammonium, glycine, glutamate) can appear in leaves of
perennial grass and woody shrub/subshrub species < 72 h following application of water and N
to biocrust soils (Green et al., 2008; Hawkes, 2003; Zhuang et al., 2015); however, for some of
these experiments there were not substantial increases in leaf §*°N until 4-7 days following
application (Adelizzi et al., 2022; Carvajal Janke & Coe, 2021). In our 2017 study, we saw
significantly higher excess N in leaves after 10 days compared to 3 days following application,
and maximum percent recovery was 45% and 18%, respectively. Soil microbes such as bacteria
and fungi typically have high turnover rates and can rapidly respond to soil rewetting events on

the scale of minutes to hours in drylands (Jackson et al., 1989; Krichels et al., 2022). We did not
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find evidence of rapid (~24 h) N translocation through soils in our plots which may have
indicated microbial activity was responsible for transferring N to plants. It is therefore possible
that N was immobilized in microbial biomass before reaching plant roots, as evidenced by our
relatively low number of N-enriched leaf samples, and that increased microbial activity due to
water application could have inhibited, rather than facilitated, N movement to plants in our
experimental plots (Chen et al., 2015; Schaeffer et al., 2003). These findings are supported by the
results of two previous field-based experiments which similarly traced >N movement from
cyanobacteria-dominated biocrusts to perennial grass species (Aanderud et al., 2018; Kwiecinski
et al., 2020) and found significant 1°N enrichment in surface biocrust soils, but not in leaves of
target plants.

For plants that did take up significant amounts of applied N, it is likely that physical soil
processes were the main drivers of N movement to soil root zones (Querejeta et al. 2012). For
example, we watered our study plots to a depth of ~2cm prior to tracer application, and although
we allowed them to dry completely before N tracers were added, it is possible that there was
enough soil moisture availability for diffusion and/or mass flow processes to facilitate root N
uptake (BassiriRad et al. 1999; Cui and Caldwell 1997). Previous studies in semiarid grasslands
have shown that even small rainfall events (~5 mm) can improve N diffusion to roots and
activate new root growth and photosynthesis for some plant species, which further boosts the
transpirational pull of water and nutrients into roots (Ivans et al. 2003; Thomey et al. 2011).
Plants are known to capture and store nitrogen over longer periods of growth and activity than
microbes (Hodge et al. 2000; Schimel and Bennett 2004), and N acquisition via these processes
of soil diffusion and root uptake could have reasonably occurred at the relatively slower

timescales (> 72 h) that we observed. Furthermore, we added °N-nitrate to soils, which is highly
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soluble in water and has an effective soil diffusion coefficient of 0.28 cm? d* and can move a
distance of 0.75 cm in 1 day through soils with a bulk density of 1.16 g cm?® (Owen and Jones
2001), which also supports why we may have observed a relatively longer timescale of N
movement into plants over the sampling period.

In 2018, we compared two plant species to see if N uptake responses were driven by
differences in physiology and/or nutrient requirements of plants with different life history
strategies — B. eriopoda, a C4 grass and G. sarothrae, a Cz subshrub. A previous comparison of N
uptake between these species found that B. eriopoda tended to have higher N recovery,
especially of °NOs, within 12 to 48 h of root application in a controlled greenhouse experiment
(Chapter 2). In our study, we observed significantly higher excess N in G. sarothrae after 3 days
compared to B. eriopoda, which could be explained by differences in growth strategy and
belowground root architecture among the two species. Previous studies have reported that the
size, density, and depth of root systems is an important driver of plant N acquisition, especially
in patchy dryland soils where species may be competing for the same temporary soil N pools
following a rainfall event (Hodge 2004; James et al. 2009). Woody shrubs and subshrub species
like G. sarothrae have deeper taproot systems which allow them to access sub-surface soil water
and take up N more rapidly than shallow-rooted grass species under limited soil moisture
conditions (Wan et al. 1995; Gherardi et al. 2013). Cz shrub species like G. sarothrae also have
higher relative growth rates and can transpire year-round, which may allow them to respond
more effectively to short-term nutrient availability compared to Ca4 grasses like B. eriopoda
(Yang et al. 2022; Kurc and Small 2004; Zhuang et al. 2020). Furthermore, our findings in a
greenhouse study (Chapter 2) illustrated that G. sarothrae leaves were nearly all N-enriched as

soon as 12 h following tracer application to roots, while B. eriopoda leaves more gradually
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increased in enrichment from 12 to 48 h, which supports that this woody, taproot species may
have greater uptake capacity under some circumstances.
Effects of fungal exclusion mesh

In our fungal exclusion mesh experiments from 2017 and 2019, we did not find evidence
that either coarse or fine mesh treatment limits N movement through biocrust soils to plant roots.
In a prior study with similar design set-up to our 2019 horizontal mesh experiment, the same
mesh was used to impede fungal connections between surface biocrusts ~0.5 to 1 cm deep and
grass root zones, and they similarly found significant plant N uptake to leaves within 72 h of *°N
tracer application (Dettweiler-Robinson et al. 2020). In other studies, mesh barriers have been
used to prevent formation of hyphal connections between plant roots and to create root-free
hyphal compartments (Teste et al. 2006; Tu et al. 2006). These methods have previously been
successful in isolating the role of mycorrhizal fungi in experiments where isotopically-labelled
15N and 3C tracers were used to trace uptake of organic N from mycorrhizae to plants (Leigh et
al. 2009) and to track carbon flux through mycorrhizal hyphae from plants into soils (Johnson et
al. 2002). However, in our 2017 vertical mesh and 2019 horizontal mesh experiments, we did not
find significant impediment of in N movement into leaves among the two mesh types compared
to controls. It is likely that mesh openings of either size did not block physical movement of
nutrients in soil solution (Teste et al. 2006). It is also likely that B. eriopoda plants could have
potentially been able to access nutrient leachate below biocrust soils due to their relatively
shallow root systems (Young et al. 2022). Roots of Bouteloua spp. are concentrated < 20 cm
deep beneath the plant canopy, where they can access soil water and available nutrients

following small, episodic rainfall events (Thomey et al. 2011; Burnett et al. 2012; Patrick et al.
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2009). Individual B. eriopoda plants have also been observed growing a widespread network of
lateral roots up to 40-80 cm away into plant interspaces (Gibbens and Lenz 2001).

In our 2018 experiment we saw similar N uptake in plants with a 2 cm soil barrier and
those without one, and it is also possible that some of these shallow surface roots (< 10 cm) were
able to access biocrust soil layers below the 2 cm metal barrier placed ~20 cm from the base of
plants. Another factor that may have influenced these results could have been disturbance to
biocrust organisms. For the mesh experiments, we allowed 4-5 months between installation and
N tracer application for biocrusts to recover and for potential fungal connections to re-form, but
for the 2018 experiment we placed the 2 cm barriers into plots < 1 month prior to N application.
Previous studies found that physical disturbance to surface biocrusts can impact the structure and
functioning of biocrust cyanobacteria (Steven et al. 2015) and can increase soil N availability
and fungal abundance (Adelizzi et al. 2022). Although our experiment was not equivalent to the
level of disturbance from soil compaction in these studies, it is possible that the installation of
physical barriers disrupted soil processes and microbial communities enough to inhibit N

retention in biocrust layers and thus more leaching to subsurface roots could have occurred.

CONCLUSIONS

Overall, we did not find strong support for the intermediary role of fungi in nutrient
movement between biocrusts and plant roots in these systems, and our results ultimately did not
support this potential line of evidence for the fungal loop hypothesis. We deployed three types of
fungal exclusion mesh treatments across three experiment years and found greater excess N in
plant leaves after 3-10 days, which also contrasts with the idea that rapid, microbially mediated

nutrient translocation was occurring. It is likely that differences in N acquisition among grass
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and subshrub species were due to physiological adaptations, however more data is needed to
support these results since sample sizes were low for this growing season. In dryland ecosystems,
non-mycorrhizal fungi likely serve key biogeochemical functions as decomposers and as
members of soil food webs, but their hypothesized role in closing the “loop” of nutrient and
water exchange between primary producers is less evident. Further exploration of fungal
responses to different soil moisture thresholds and the amount and timing of nutrient availability
could help better characterize the roles of dryland fungi in C and N cycling and retention in these

gcosystems.
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Chapter 5: Conclusions
SUMMARY OF FINDINGS

In this dissertation, I sought to investigate the roles of plants, fungi, and biocrusts as
drivers of connectivity in soil nitrogen (N) cycling within a Northern Chihuahuan Desert
grassland system. Understanding the interactions between soil microbes and plant roots in this
ecosystem are important to regulating potential soil losses that can occur when microbial
mineralization and N transformations are decoupled from plant uptake due to episodic moisture
availability. Previous dryland experiments have suggested that belowground fungal networks
could play a central role in exchanging plant-derived carbon (C) and biocrust-derived N among
disconnected patches of primary producers, essentially recoupling dryland biogeochemical
cycles separated in both space and time. Connecting and effectively “closing” the so-called
“fungal loop” could increase soil nutrient retention in biotic pools and allow for greater N
availability for growth and coexistence of communities in highly heterogeneous dryland
environments. To investigate some of the mechanisms involved in the fungal loop, we performed
three experiments focused on N cycling responses of plants, fungi, and biocrusts at two study
sites, summarized below.

The research presented in Chapter 2 provides novel insights into rates and controls on
short-term plant N uptake following a pulse of water and nutrients in a semiarid mixed grassland
community. By tracing inorganic and organic N uptake in species with different life histories and
nutrient requirements, our findings are consistent with scenarios in which N is a limiting
resource, since all species took up each N form under non-water limiting conditions. Our
experiment also fills in knowledge gaps about the potential for dryland plant partitioning of

chemical N forms in these nutrient-limited habitats and we did not find evidence of this
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phenomenon in our study system. I also summarized the results of 30 published N uptake
experiments to gain a more complete picture of short-term N acquisition for dryland plant
species, and to better understand the various methods by which researchers have quantified N
uptake in both in situ and ex situ studies. I found that less than half of studies compared uptake of
multiple inorganic and organic soil N forms. Our findings matched the results of these studies
that similarly observed significantly higher uptake and recovery of inorganic soil N forms (NH4"
and NOz3") versus amino acid-N in 12 different dryland plant species regardless of habitat. The
results of our study suggest that in this Chihuahuan Desert grassland, soil NO3 may be widely
exploited following a precipitation pulse and inorganic N may comprise a greater proportion of
plant N nutrition compared to amino acid-N. This study also identified the need for more
systematic comparisons of soil inorganic and organic N pools in studies where '°N tracers are
applied to soils to better understand potential drivers (or limitations) on microbially-mediated N
movement through soils. We hope our results will help guide other dryland researchers in
choosing more uniform methods to evaluate the contribution of different chemical N forms
(including diverse forms of soil organic N) to plant N nutrition in these habitats.

In Chapter 3, I present the results of a project in which we sampled biocrust soil and
black grama root communities within three ongoing nitrogen and/or water addition experiments
within the Sevilleta LTER and compared fungal responses to experimental manipulations. This
work presents a more refined understanding of differences in fungal communities in dryland soil
microsites where microbial activity is highly concentrated, and where fungal loop connections
are predicted to occur. We found that biocrust- and root-associated fungi growing within a few
meters of each other are similarly dominated by fungi in Ascomycota; however, at finer

taxonomic levels, the abundance and structure of communities differs significantly and they
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share < 15% of taxa. We used amplicon sequencing, soil fungal biomass comparisons, and direct
observation of fungal root colonization to compare the structure, abundance and diversity of
fungal communities under changes in nutrient and/or water availability. These comprehensive
comparisons allowed us to gain a clearer understanding of the range of community responses
environmental changes and supplement previous characterizations of fungal communities at this
site, including those from a related, co-dominant grass species (blue grama). We found that
biocrust and root-associated fungi had different sensitivities to levels of N addition - richness and
diversity, but not structure of root fungal communities may be more impacted by changes in N
inputs and could decline under predicted climate change scenarios, while biocrust soil
communities may become more similar in composition under increased precipitation variability.
Additionally, the abundance of saprotrophic fungal guilds in biocrust communities and of
symbiotrophs in roots helps understand a key piece of the fungal loop hypothesis, the assumption
that taxonomic similarity = functional similarity, and why it may not be supported in this
ecosystem.

In Chapter 4, we directly tested the N exchange component of the fungal loop hypothesis
by performing extensive field trials at two study sites over three years. We explicitly examined
the roles of fungal hyphae in connecting spatially separated biocrust and plant patches by
impeding fungal connections with three types of fungal exclusion mesh. We also tested the
conditions under which plants may take up N from surface soil communities. Across our
experiments, N translocation from soils to plant leaves was overall very low, and in trials where
N movement occurred, we did not find significant obstruction due to mesh treatments. There was
greater excess N in plant leaves after 3-10 days, which also contrasts with the idea that rapid,

microbially-mediated nutrient translocation was occurring across biocrusted surface soils. At the
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spatial scales we investigated, it was not evident that fungi were functioning as mediators of N
transfer and uptake between biocrusts and plants. We think it is more likely that soil physical
processes, including nutrient leaching and diffusion to roots (Young et al. 2022), were the
primary drivers of N uptake in leaves under the conditions we tested.

Collectively, our results did not support that dryland nutrient cycling is mediated by
shared networks of fungi facilitating resource exchanges among biocrusts and plant roots. While
our greenhouse N uptake experiment conclusively demonstrated that once N reaches the roots
of plants, 24 hours would be a reasonable time frame to see differences in N form movement into
leaves, we were ultimately not able to replicate the results of prior field-based experiments where
5N tracers applied to biocrust soil patches were transferred to leaves of target plant species
within 24 hours of application (Green et al. 2008; Zhuang et al. 2015). We also did not find
strong support for the high functional similarity of fungi in biocrust soils and plant roots, and our
results ultimately indicated that fungi in biocrust surface soils and within roots of dominant grass
species are more distinct than alike, and will likely show diverging responses to environmental
changes in N and water availability. This finding contrasts with previous comparisons of overlap
between biocrust and rhizosphere fungi and illustrates the small-scale differences in microsites
and plant feedbacks that may ultimately partition these fungal community members. Overall, we
did not find strong support for the key role of fungi in nutrient movement between biocrusts and
plant roots in these systems, and our results did not strongly support the direct and indirect

evidence underlying the fungal loop hypothesis.
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THE ROLES OF FUNGI IN DRYLAND ECOSYSTEMS

In dryland ecosystems, the diverse physiological and chemical adaptations of fungi allow
them to withstand extreme abiotic conditions, such as those experienced by biocrust microbes at
the soil surface in plant interspaces. However, a clear understanding of the functional roles of
dryland soil remains elusive due to relatively high proportions of unknown and/or unclassified
taxa and the numerous capacities of fungi to shift functional traits and trophic modes in response
to changing environmental conditions (Bui et al. 2020). Biocrust fungi are overwhelmingly
classified as Dothidiomycetes (Ascomycota) in most studies to date, although Agaricomycetes
(Basidiomycota) also appear as common biocrust constituents. These latter taxa include some of
the most frequently encountered aboveground fungal fruiting bodies in sandy soils of mixed
black grama grasslands and mesquite dunelands (personal observation, Fig. 5.1). Fungi in Asco-
and Basidiomycota include highly diverse lineages, and many of these taxa probably exist as
saprotrophs mineralizing soil organic matter and other organic substrates (Taylor and Sinsabaugh
2015). Saprotrophic fungi can serve key functions in biochemical weathering and translocation
of inorganic nutrients from mineral interfaces (Bhattacharjee et al. 2022) and can liberate
mineral-bound organic matter to be broken down by oxidative and other enzymes and become
soluble for other microbes and plants (Jilling et al. 2018; Sinsabaugh 2010). Dryland fungi in the
rhizospheres of grasses have been found to produce unique oxidative enzymes adapted to
breaking down plant cellulose and other biomass constituents in hot, dry soils (Hudson et al.,
2015), and there is a high likelihood that most dryland soil saprotrophs are concentrated in
“hotspots” of nutrient availability and microbial activity (Darrouzet-Nardi and Bowman 2011),

such as plant rhizospheres (Ochoa-Hueso et al. 2018). Some specialized saprotrophs are also
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mycoparasitic or secondary lichen parasites and so inhabit the collective biomass of other

microbes (Hawksworth 1982).

Fig. 5.1 An assortment of macrofungi (Agaricales) growing within or near cyanobacteria-
dominated biocrusts at JOR

While undoubtedly many free-living dryland fungi form filamentous hyphal networks,
their activity rates and biomass likely remain low during hot and dry conditions. Like the
majority of desert organisms, soil fungi may favor energy conservation strategies and find
localized soil microhabitats, such as those beneath plant canopies and surrounding plant roots, or
form microcolonies and/or facultative lichen associations with algae or cyanobacterial cells as a
survival strategy (Cantrell et al. 2011; Gostincar et al. 2022). Compared to the more extreme UV

radiation and heat conditions at the soil surface, even very small microhabitats can offer some
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level of protection and enough energy to sustain activity and biomass levels (Kuzyakov and
Blagodatskaya 2015). At the individual scale, some biocrust-inhabiting fungi likely reduce their
metabolic activity prior to the arrival of monsoonal moisture pulses and may modify different
aspects of their physiology for optimal drought tolerance (Fernandez and Koide 2013). Similar to
soil cyanobacteria, fungi can also produce extracellular polymeric substances (EPS) to maintain
internal moisture balance (Coleine et al. 2022). Hyphal growth may even respond fairly rapidly
to increased soil moisture and carbon inputs during or after monsoon rainfall events. However,
these rehydration growth responses may not necessitate the formation of (relatively) widespread,
active hyphal nutrient transport networks through soils, especially in and around biocrusts where
hyphae may not need to travel far to locate abundant carbon and nitrogen substrates like
microbial necromass (Hu et al., 2020; Maier et al., 2016). Episodic precipitation events are
usually followed by a fairly rapid soil dry down, and the combined stressors of high summer
temperatures plus frequent cycles of soil drying/rewetting (Borken and Matzner 2009; Austin et
al. 2004; Schimel 2018) may not favor high biomass accumulation for soil fungi.

Our results and those from other studies of dryland soil fungi have suggested that, in
contrast to the responses of plant and bacterial communities, soil moisture alone may not be a
strong determinant of community functioning and activity. This could mean that monsoon season
is not the peak activity period for fungi, even though it may be a period of high productivity and
biomass growth for many plants. It is possible that dryland fungi may to be most active during
winter months, when temperatures are cooler and soil moisture and organic matter accumulation
is high (Clark et al. 2009). In a cold desert ecosystem on the Colorado Plateau, biocrust soils
were even found to be active beneath a layer of snow during the winter (Darrouzet-Nardi et al.

2015), which could provide a slower and more consistent moisture source for surface soil

131



microbes compared to the summer months. Winter conditions may favor more consistent fungal
activity and biomass production in soils, as seen in some alpine microbial communities where
fungi dominate winter nutrient cycling processes and are succeeded by active bacterial
populations in summer months (Schadt et al. 2003). These activity patterns may also hold true
for root-associated fungi, including AMF and endophytes growing in roots of woody C3 plants.
Compared to warm-season C4 grasses which are dormant for most of the year, some deeper-
rooted shrubs can be photosynthetically active for longer periods throughout the entire year,
potentially releasing higher and more frequent levels of labile C to root and rhizosphere microbes
including fungi (Ladwig et al. 2021). Additionally, productivity of some cool-season C3 species
in the Chihuahuan Desert was found to be highest early in the year following winter moisture
inputs (Muldavin et al. 2008), which may similarly facilitate growth and activity of heat-
intolerant fungal taxa. One experiment tracing >N movement through fungal networks in
Sonoran Desert shrublands found significant N transport from moss-dominated crusts into leaves
of Larrea tridenta plants (and to other spatially separate biocrust patches) after 6 days following
a rainfall event (Carvajal & Coe, 2021). It is possible that testing the fungal loop in shrub-
dominated habitats outside of hot summer months could provide new insights into the activity
and nutrient cycling of biocrust and root-associated fungi in the Chihuahuan Desert as well. For
example, another study that measured FAME profiles of soil microbes in a mixed sotol
(Dasylirion) grassland in the Chihuahuan Desert (near Big Bend Ntl. Park) found that the ratio of
bacteria:fungi was consistently high throughout the year, but soil fungi generally exhibited
higher carbon substrate activity in winter compared to summer months (Bell et al. 2009). Further

exploration of fungal responses to different temperature thresholds (or combined temperature
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and moisture thresholds) could ultimately aid in better understanding the functional roles of

fungi in C and N cycling and nutrient retention in dryland ecosystems.

CHALLENGES AND CONSIDERATIONS

Overall, my dissertation and the larger fungal loop project attempted to understand
several aspects of short- and long-term plant N uptake and retention in this ecosystem. From
2017 to 2019, Fungal Loop project members set up an extensive field experiment across three
study sites (Sevilleta LTER, Jornada LTER, Moab, UT — 2018 only), and installed > 600
experimental plots to examine '°N addition across different seasons (Spring/Monsoon). We had a
multitude of experiments within this larger study to test the effects of N form (inorganic — nitrate
vs. organic — glutamic acid), N concentration (including a concentration gradient and a “crust
death test” where we quantified minimum N toxicity thresholds that would harm biocrust
organisms), and sampling for tracer outside of constrained plots. We also tested the effects of
constrained plots - most of our plots had a 50 cm % 25 cm % 10 cm rectangle of aluminum
flashing around each individual plant and biocrust patch versus open plot design, and deployed
three different types of fungal exclusion treatments — fine mesh (0.45 um), coarse mesh (50 um)
and a 2 cm piece of aluminum flashing to determine if transport was occurring in the biocrust or
at deeper soil depths (2018 experiment only). We also collected small amounts of surface
biocrust soil at each time point when leaves were collected following '°N application (e.g., 1, 3,
7, 10 days post-application), and sampled full destructive harvests of soils and plants from ~1/3
of plots after 10 days and 3 months following application in the 2017 experiment. We also
sampled adjacent soils outside of plots at each time point and measured gravimetric and
volumetric water content, soil ergosterol and chlorophyll a concentrations, available soil

nutrients (NH4", NO;3™ and dissolved organic carbon), microbial biomass (via chloroform
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fumigation), soil inorganic carbon (via loss-on-ignition) fungal root colonization, and hyphal
extractions from soils. We also attempted to assess soil fungal activity by placing bags (made
from fungal exclusion mesh) of '*C-labeled leaf litter belowground and monitoring
decomposition activity over several months in 2019. Despite all our efforts, a relatively low
proportion of plants in our experimental plots took up a significant amount of '°N tracer to
aboveground leaves. We additionally tested the timing of root to leaf uptake in a greenhouse
experiment using 225 field-collected plants to verify that any N reaching the roots of target
plants in our field plots would be transported within the plant to leaves within 12-48 hours
(Chapter 2), but this remained a major challenge to interpreting any treatment effects in this
experiment and forming verifiable explanations for the patterns of soil N movement we did
detect. In considering a future experiment, I think installing soil collars around target individuals
but having more space between plant individuals, could be more effective than the rectangular
soil surface plots we used to constrain tracer movement. If we grew seedling individuals
ourselves, that could also ensure we were not disturbing the biocrusts during different times of
the year, but that type of field experiment could take substantially more time. I think choosing
relatively shallow-rooted Bouteloua bunchgrasses also made it difficult to constrain an individual
plant with an individual biocrust patch without potentially damaging the natural spread of lateral
roots. Ultimately, there are many considerations for why N did not always travel laterally across
the soil surface (or at all), and in other cases it may have diffused vertically to plant root zones.
However, the fact that the label was able to move past our 2-cm solid flashing in some cases

does suggest that the surface soil hyphal networks are not the main mechanism of movement.
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FUTURE DIRECTIONS

After extensively reviewing the background literature on dryland N uptake experiments,
it is apparent that most field tracer experiments do not follow a standard set of methods for
watering plots, applying N solutions at similar concentrations, collecting samples, and more.
From my research, I also learned that in these grassland habitats, the root systems of grasses,
shrubs, and other plant species all intermix within the top 10 cm where nutrients and water are
most concentrated. Although surely we were not the first to understand or discover this, it still
came as somewhat of a surprise when an undergraduate project showed that > 90% of all surface
soil samples at any distance from the plant—and even in shallow depths that are part of the
biocrust—contained live plant roots (Fig. 5.2). Previous evidence showed that plant roots were
more prevalent in exploring the entire volume of the soil than we had expected during the project
design phase. There are some soil spaces where larger, woody roots create a pathway to water
and nutrients which smaller, fibrous roots follow, and there are several potentially interesting
questions to test among the microbial communities associated with these species, especially for
those with N-fixing rhizobia (i.e., legumes) and those without. I think the potential for
understanding competitive or facilitative interactions among rhizosphere communities, and
between fungi found within roots vs. those found in rhizosphere and surface soils could yield
new insights into some of the smaller-scale (hyphal scale) dynamics that may also influence

nutrient cycling at these sites.
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Fig. 5.2 Plant roots observed growing in biocrust soil layers (upper ~2 cm) at JOR

Furthermore, I would be interested in explicitly testing the activity levels of culturable
fungi under different soil moisture and temperature thresholds by performing a xerotolerance
assay and comparing taxa with the highest growth capacity under increased abiotic stress
(Ndinga-Muniania et al. 2021). Definitively addressing this piece of indirect evidence for a
fungal loop in this system, if Ascomycota fungi “can metabolize at lower water potentials than
either plants or bacteria” and explicitly testing whether or not they “may be physiologically
active under dry conditions” would build on the sequencing and fungal biomass data I collected

and perhaps yield exciting results about the adaptations of Chihuahuan Desert fungi.

CONCLUSIONS

In this dissertation, I examined different drivers of N cycling processes among dryland
plant and soil communities in order to improve our understanding of the roles of biodiverse soil
and plant-associated fungi in dryland biogeochemical cycles. These experiments tested, and

ultimately did not show support for, several lines of direct and indirect evidence underlying the
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fungal loop hypothesis. In this system, it is unlikely that nutrient cycling is mediated by shared,
connected networks of fungi among biocrusts and plants at the seasonal and spatial scales we
measured. Instead, the processes of microbial nutrient release and plant uptake in dryland soils
could be driven by physical soil processes (e.g., diffusion and leaching to root zones) and plant
root activity once soil moisture limitations are lifted during the growing season. These findings
still leave the door open to investigations of rhizosphere dynamics, root distribution and foraging
responses that may influence the timing and magnitude of N uptake in these systems. More
comprehensive studies combining multiple measurements of fungal activity and biomass,
especially under varying temperature and moisture conditions, may be necessary to discern finer-
scale community differences and to make more accurate predictions about the roles and
responses of soil and root fungi to environmental changes in this system. This dissertation
altogether adds to the growing body of knowledge about the taxonomic and functional diversity
of fungi in dryland ecosystems and provides further insight into the forms and functions of some

of the most diverse and adaptive organisms on Earth.
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CHAPTER 2

Supplementary Information

Table S2.1 Mean N uptake + standard error (umol '°N per g dw) of "N-enriched leaf samples

from each '°N tracer X species combination at each time point (12, 24, and 48 h) following °N

tracer application (Fig. 2.1), and mean N uptake rate (umol N per g dw per h) of each '°N

tracer X species combination averaged across all 3 post-addition time points. Sample size (n)

values represent the total number of samples for each '°N tracer X species group (N = 220).

Leaf N Uptake
Plant Species '’N Tracer  n 12 24 48 N Uptake Rate
Bouteloua NHs" 26 0.18+0.10 0.31+0.14 1.26+0.40 0.019 +0.004
eriopoda NOs~ 20 0.54+033 1.08+0.63 1.83+0.83 0.043 £0.013
Glu 11 0.03=NA 0.07+0.02 0.21+0.10 0.004 £ 0.001
Achnatherum NHs" 28 0.16 £0.04 0.23+0.07 0.65+0.18 0.012 £0.002
hymenoides NOs~ 35 0.31+£0.13 0.39+0.15 0.58+0.19 0.018 £0.005
Glu 25 0.06+0.02 0.11+0.04 0.25+0.07 0.005 £ 0.001
Gutierrezia NHs" 29 031+0.13 021+0.08 1.09+0.41 0.019 £ 0.005
sarothrae NOs 28 046+0.12 047+0.09 1.25+0.34 0.028 = 0.004
Glu 18 0.15+£0.08 0.18+0.07 0.51+0.28 0.011 £0.003

Table S2.2 Model variance measures due to random effects of repeated sampling of the same

plant individual (Pot ID, N = 86). Note that while the marginal r-squared considers only the

variance of the fixed effects, the conditional R? comprises variance explained by both fixed and

random effects (i.e., variance explained by the whole model). Total N observations = 220.

Random Effects Value
o’ 0.333

700 Pot ID 1.561

ICC 0.824
Conditional R? 0.876
Marginal R? 0.294
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Table S2.3 Mean =+ standard error (SE) background values of extractable soil inorganic nitrogen (N) summarized from published data

collected from experiments in Bouteloua-dominated grasslands at Sevilleta National Wildlife Refuge (SNWR). All values are from

control/untreated plots only and extractable soil ammonium (NH4") and nitrate (NO3") are presented as pg N per g dry soil.

Sampling Data Soil N Concentration
Reference Year Month  Depth (cm) NH4" NOs SNWR Experiment
Stursova et al., 2006* 2004 July 5 0.80 (0.03) 5.57 (0.27) N Fertilization Plots
2005 March 1.32 (0.44) 4.08 (1.51)
Zeglin et al., 2007* 2004 Aug 5 0.661 (NA) 4.50 (NA) N Fertilization Plots
Brown et al., 2022° 2014 July 15 2.00 (0.33) 1.72 (0.24) Monsoon Rainfall
Aug 1.62 (0.37) 4.69 (0.26) Manipulation Expt.
Sept 4.34 (0.80) 3.63 (0.48) (MRME)
Kwiecinski et al., 2019* 2016 Aug 10 0.69 (0.07) 1.27 (0.35) MRME
Sept 0.86 (0.14) 1.20 (0.15)
Holguin et al., 2022* 2017 June 10 1.22 (0.09) 0.80 (0.14) Extreme Drought in
July 0.80 (0.08) 1.50 (0.16) Grassland Expt.
Oct 0.83 (0.05) 2.06 (0.23) (EDGE)
Stricker et al., 2022* 2018 June 2 3.87 (0.72) 0.66 (0.40) Soil Disturbance
10 0.62 (0.06) 0.60 (0.30) Plots (Grassland)

“extracted in 2 M KClI containing 0.5 pg phenylmercuric acetate

*extracted in 0.5 M K»>SOq4
*extracted in 2 M KCl
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Table S2.4 Study information for dryland N uptake literature review results presented in Table 2.5 and Table S2.5.

Reference (chronological) Expt? Systemb Location N Form(s) N Addition(s) Response®

Jackson et al., 1989 Field GS CA (*NH4)2S04 115 mL of: R; %Nr
Intact K'"NO; "NH,: 5 M sol’n (70.5%)

"NO;: 4 M sol’n (98%)
avg. conc. = ~2 pug °N g soil

BassiriRad & Caldwell, GH S UT K'""NO; 100 mL sol’n pot™ (10%) R

1992 Intact

Bassirirad et al., 1993 LA S UT K'""NO; 5.00 x10™* M sol’n (99%) R
Roots

Jackson & Reynolds, LA GS CA NH,CI 1.00 x10* M sol’n R

1996 Roots K'*NO;

BassiriRad et al., 1997 LA S NM NOs” 1.86 x10™ M sol’n R
Intact

Cui & Caldwell, 1997 LA GS UT CH;NH;HCI 1000 mL of 5.00 x10* M "C- R
Roots labeled CH3NH;3HCI sol’n

BassiriRad et al., 1999 LA S NM K'"’NO; 5.00 x10™* M sol’n (99%) R
Roots

BassiriRad et al., 1999 Field S NM SNH4""NO; 160 mL of 0.02 M sol’n (99%) 3N
Intact

Yoder et al., 2000 LA GS NV SNH4CI 2.50 x10™ M sol’n R*
Roots K'*NO;

Booth et al., 2003 Field S UT (*NH4):S04 0.2 pg N g soil ! (99%) R*
Intact

Ivans et al., 2003 LA S UT SNH4Cl 2.50 x10™* M sol’n (99%) R
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Ivans et al., 2003

Jankju-Borzelabad &
Griffiths, 2006

James et al., 2006

James & Richards, 2006

Green et al., 2008

James et al., 2008

Aanderud & Bledsoe,

2009

James et al., 2009

Jin & Evans, 2010

Leffler et al., 2011

Roots

Field
Intact

GH
Intact

Field
Intact

Field
Intact

Field
Intact

Field
Intact

GC
Intact

LA
Roots

GC

Intact

LA
Intact

MGS

MGS

MGS

MGS

GS

UT

UK

CA

CA

NM

OR

CA

OR

NV

UT

K"®NO;

K"*NO;

K"*NO;

K"*NO;

1 5NH4 1 5NO3

Na'’NO;
"N-glutamate

SNH,CI
K"*NO;

SNH,4CI1
K'*NO;
N-glycine

SNH,4Cl1
K'*NO;

1 SNH4
NO;
SN-glycine

K"*NO;
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32 mg N L sol’n (99%)

50 mL of 0.3 M sol’n (99.97%)

5 g Nm™ (10%) in 20 mm
simulated rainfall treatment

120 mg (10%) in 10 mm
simulated rainfall treatment

SNO;: 1.25 mL of 0.68 M sol’n,
"N-glu: 5 mL of 0.34 M sol’n
total = 12.5 mg "°N plot

60 mL of 0.0119 M sol’n (80%)
40 mL of:

SNHj: 2.00 x107 M sol’n (99%)
SNO;: 2.00 x107 M sol’n (99%)
N-gly: ~2 pg "N g soil

5.00 x10™* M sol’n

12 mL of each N sol’n (99%)
total = 0.7 mg "N pot!

250 mL sol’n (60 at%)

SN

R*

%Nr

%Nr

R*; %Nr

%Nr



Gherardi et al., 2013

Zhuang et al., 2015

Wang et al., 2016

Ouyang et al., 2016

Aanderud et al., 2018

Zhuang et al., 2020

Carvajal Janke & Coe,
2021

Adelizzi et al., 2022

LA
Intact

Field
Intact

Field
Intact

Field
Intact

Field
Intact

Field
Intact

Field
Intact

Field
Intact

MGS

GS

GS

GS

GS

GS

MGS

Argen-
tina

China

China

China

UT

China

AZ

NM

(NH4)2S04
Ca(NO3)2

SNH,4CI
Na'>NO;
1 SNH4

1 5NO3
*N-glycine

("*NH4),S04
K"*NO;
"N-glycine

("*NH4),S04
K'*NO;

1 5NH4
1 5NO3
SN-glycine

(*NH4):S04

1 SNH4 1 5NO3

186

NH; only: 2.00 107 M R
NO;s only: 2.00 X107 M
NH4 + NOs: 1.00 107 M of both

1.25 mL of 0.68 M sol'n SN

45 mL sol’n containing: %Nr
NH,: 0.2 g N m?(99.14%)

NOs: 0.2 g N m?(99.19%)

PN-gly: 0.2 g N m™(99.04%)

total = 0.6 g "N m™ subplot™*

4 mL sol’n containing: R
'SNH,.3.00 x10* M (98.4%)

NOs: 4.00x10™ M (98.2%)

PN-gly: 5.00 x10™* M (95%)

total = 0.06 g "N m™

3 mL of: 3N
SNHa: 0.72 M sol’n (99%)
NOs:1.43 M sol’n (99%)

112.5 mL sol’n containing: R; %Nr
SNHg4: 0.2 g N m?(99.14%)

"NOs:0.2 g N m?(99.19%)

PN-gly: 0.2 g N m?(99.04%)

total = 0.6 g >N m™ subplot™!

5 mL of 0.75 M sol’n (99%) 3N

2.5 mL of 6.00x102 M sol’'n SN



Yang et al., 2022 Field GS China 1 NH,C1 150 mL sol’n containing: R*; %Nr
Intact K'"NO; "NH,4: 0.2 g Nm™
N-glycine "NO;:0.2 gNm?
N-gly: 0.2 g N m™
total = 0.6 g "N m™

Present Study GH MGS NM PNH4CI1 0.5 mL of: R; %Nr
Intact K'""NO; ""NHa: 5.7 10 M sol’n
"N-glutamate "NO;: 4.8 X102 M sol’n

PN-glu: 5.7x102 M sol’n
total = 0.43 or 0.36 mg "°N plant™

? Expt Type: GC = Growth Chamber experiment, GH = Greenhouse experiment, Field = Field-based experiment, Intact = Intact plant
(roots and shoots connected), Roots = Excised roots only

b System: GS — Grassland; S — Shrubland; W — Woodland, MGS — Mixed Grassland

¢ Response: R = N uptake rate (umol >N per g dw per h); R* = excess N (umol '°N per g dw) converted to rate (per h); %Nr =
percent N recovery in leaves (%); §'°N = leaf §'°N (%o)
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Table S2.5 Results of dryland studies measuring short-term N uptake from inorganic and organic N sources in intact plant and/or

excised roots of different plant species listed by response (N Uptake Rate and Plant §'°N) and then chronologically by study

publication year. Values for N uptake rate are expressed as umol '°N per g plant dw per h and for plant §'°N are expressed as permille

(%o) in plant shoots. Values for each uptake ratio are unitless. If more than one inorganic N form was used in the study, then the

Inorganic:Organic uptake ratios were calculated as the average NH4" and NO;3™ uptake divided by the value of amino acid uptake. Data

are from control (no treatment) plots unless otherwise noted. An

13 2

“NA” indicates that the variable could not be determined or calculated based on the data provided in the study.

indicates that the variable was not measured in the study. An

Laboratory Assay Experiments

N Uptake Rate Uptake Ratio

Reference Plant Species Time NH," NO;y’ AAY  NHsNO;  Inorg:Org

BassiriRad et al., 1993 Agropyron desertorum 30 m - 2.71 - - -

Jackson & Reynolds Avena fatua 30 m 11.53 5.94 - 1.94 -
1996

Bromus hordeaceus 25.23 8.63 - 2.92 -

Lolium multiflorum 23.31 6.71 - 3.48 -

Vulpia microstachys 9.84 -- - NA -

Lasthenia californica 13.18 10.14 - 1.30 -

Plantago erecta 10.37 9.26 - 1.12 -

BassiriRad et al., 1997 Bouteloua eriopoda 4h - 30.98 - - -

Larrea tridentata - 43.25 - - -

Prosopis glandulosa - 18.29 - - -

Cui & Caldwell 1997 Agropyron desertorum 10 m 6.89 - - - -

BassiriRad et al., 1999 Larrea tridentata 30 m - 2.07 - - -
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Laboratory Assay Experiments

Yoder et al., 2000

Ivans et al., 2003

James et al., 2009

Leffler et al., 2011

Gherardi et al., 2013

Jackson et al., 1989

Bromus madritensis spp. rubens 30 m 13.15
Achnatherum hymenoides 5.56
Pleuraphis rigida 4.58
Agropyron desertorum 30 m 7.82
Artemesia tridentata 8.07
Achnatherum thurberianum 30 m 9.14
Festuca idahoensis 7.41
Pseudoroegneria spicata 4.73
Balsamorhiza sagittata 4.57
Centaurea diffusa 8.75
Chondrilla juncea 7.27
Crepis intermedia 3.18
Linaria dalmatica 8.37
Phlox longifolia 1.62
Agropyron cristatum 2h -

Bromus tectorum -
Elymus elymoides -
Pseudoroegneria spicata -
Mulinum spinosum, Adesmia 9d 7.79x10*
volckmanni,Senecio filaginoides

Poa ligularis, Pappostipa
speciosa, Pappostipa humilis

Avena barbata, Bromus mollis, 24 h *3.38
Lolium multiflorum (Feb)
24h 4,58
(Apr)
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3.80
3.13
2.38

5.17
5.18

X K K X X ¥ X *®

17.85
16.42
11.42
10.71

1.03x1073

6.01x10* 4.97x10*

*1.71

*3.46

3.46
1.78
1.92

1.51
1.56

NA
NA
NA
NA
NA
NA
NA
NA
NA

0.75

1.21

1.98

1.33



Soil-Based Experiments

BassiriRad & Caldwell
1992

Booth et al., 2003

James et al., 2006

Jankju-Borzelabad &
Griffiths 2006

James et al. 2008

Jin & Evans 2010

Ouyang et al. 2016

Artemesia tridentata

Artemisia tridentata
Bromus tectorum
Elymus elymoides

Atriplex confertifolia
Atriplex parryi
Sarcobatus vermiculatus

Panicum antidotale

Bromus tectorum
Taeniatherum caput-medusae
Elymus elymoides

Poa secunda
Pseudoroegneria spicata
Crepis intermedia

Lomatium triternatum

Larrea tridentata

Artemisia capillaris
Artemisia frigida
Cleistogenes squarrosa
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4d
14d

14d

20d

24 h

72 h

48 h
10d
24d
49d

2h

2.28x107
0.04
0.02

1.01
0.60
0.24

0.36
0.27
0.07
0.18
0.06
0.07
0.04

1.42
2.10
1.53
1.32

0.20
0.05
0.20

4.40
4.59

0.41

* ¥ K ¥ X X %

14.91
5.16
2.53
1.58

1.77
0.19
0.78

Gly
Gly
Gly
Gly

Gly
Gly
Gly

: 1.70
:1.98
:1.33
:1.24

:0.25
:0.02
:0.18

0.36
0.39
0.29
0.61
0.40
0.49
0.66

0.09
0.41
0.61
0.83

0.11
0.26
0.26

2.51
2.53
3.83
4.13

3.89
4.92
2.71



Zhuang et al. 2020 Erodium oxyrrhynchum 24 h 0.20 0.24 Gly: 0.16 0.81 1.36
Hyalea pulchella 0.25 0.26 Gly: 0.18 0.96 1.39

Nonea caspica 0.48 0.42 Gly: 0.27 1.15 1.66

Lactuca undulata 0.24 0.39 Gly: 0.20 0.62 1.58

Yang et al. 2022 Cleistogenes squarrosa 3h 0.01 0.13 Gly: 0.01 0.13 4.11
Leymus chinensis 0.01 0.23 Gly: 0.02 0.08 6.62

Stipa grandis 0.01 0.05 Gly: 0.01 0.20 4.86

Present Study Achnatherum hymenoides 12h 0.18 0.36 Glu: 0.06 0.50 4.19
24 h 0.13 0.22 Glu: 0.06 0.59 2.83

48 h 0.19 0.17 Glu: 0.07 1.13 2.45

Bouteloua eriopoda 12 h 0.21 0.62 Glu: 0.03 0.34 14.59

24 h 0.18 0.63 Glu: 0.04 0.29 10.85

48 h 0.37 0.53 Glu: 0.06 0.69 7.50

Gutierrezia sarothrae 12h 0.36 0.53 Glu: 0.17 0.67 2.56

24 h 0.12 0.27 Glu: 0.10 0.44 1.93

48 h 0.32 0.37 Glu: 0.15 0.87 2.30

Plant 8"°N (%) Recovery Ratio

Reference Plant Species Time NH," NOs5 AA  NH;:NOs;  Inorg:Org
BassiriRad et al. 1999 Larrea tridentata 12h 12.52 ok - - -
28 h 48.35 ** - - -

48 h 96.35 ** - - -

72 h 112.70 ** - - -

Prosopis glandulosa 12h 0.00 ok - - -

28 h 4.78 ** - - -

48 h 6.37 ** - - -

72 h 11.65 ** - - -

Ivans et al. 2003 Agropyron desertorum lh -- 8.33 - - -
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Artemesia tridentata

£

0]

£

B

&

&5

=

“é Zhuang et al. 2015 Erodium oxyrrhynchum

m

E Aanderud et al. 2018 Achnatherum hymenoides
Carvajal Janke & Coe Larrea tridentata
2021

Adelizzi et al. 2022 Bouteloua eriopoda

3h
6h
12 h
24 h
48 h
1h
2h
4h
10 h
24 h
48 h

24 h

24 h

24 h

72 h
6d

24h
7d

6.63

6.70

10.45

8.46
690.94

1.82
9.76

14.10
18.60
209.62
287.82
395.19
6.98
5.67
591
8.58
9.06
47.67

5.07

1.73

3k

3k

Glu: 6.21

*Study combined results from '’NH4" and '’NOs treatments
*#Study added ammonium nitrate (>NH4!’NOs)

* Rate could not be converted because units were reported by plot area in this study (mg N m~ h'')
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Time Since Tracer Application (h)
Fig S2.1 Percentage (%) of total leaf samples considered enriched (sample §'°N > cutoff value)
and unenriched (sample §'°N < cutoff value) at each timepoint (12, 24, 48 hours post application)
for each 1N tracer X species group. Sample size (n) is provided above each bar. Natural
abundance and enrichment cutoff 3'°N values for each species are provided in Table 2.1. Note
that zero percent indicates that no samples were enriched, and 100 percent indicates that all

samples were enriched.
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Fig S2.2 Mean N uptake rates + standard error (umol N per g dw per h) of each '°N tracer X
species group averaged across all 3 post-addition time points (N =220). Sample size and values

can be found in Table S2.1.

199



CHAPTER 3

Table S3.1 Results from linear mixed effects ANOVA models testing for main and interacting effects of sample type (biocrust or

root), experimental treatment (N addition only, water only, and water + N additions) on fungal richness, diversity, and evenness

metrics for each of 3 experiments (MRME, NutNet, WENNDEX). Significant values (P < 0.05, Type Il Wald Chi-square tests) are

bolded.

MRME NutNet WENNDEX
Response Predictors df X? P df X2 P df X2 P
OTU Richness (Sops)  Sample Type 1 0.01 0.920 1 3386 <0.001 1 519.05 <0.001
Treatment 5 1534 0.009 1 2.63 0.105 3 1.01 0.799
Sample 5 2858 <0.001 1 2.05 0.152 3 11.42 0.010

Type:Treatment
Chao Richness Sample Type 1 0.21 0.650 1 2250 <0.001 1 22286 <0.001
Treatment 5 6.78 0.238 1 1.92 0.166 3 1.35 0.717
Sample 5 24.07 <0.001 1 2.41 0.121 3 5.40 0.145

Type:Treatment
Shannon Diversity Sample Type 1 0.59 0.444 1 5721 <0.001 1 476.89 <0.001
Treatment 5 5398 <0.001 1 2.29 0.130 3 1.49 0.684
Sample 5 16.90 0.005 1 4.39 0.036 3 3.863 0.277

Type:Treatment
Pielou’s Evenness Sample Type 1 0.59 0.443 1 3521 <0.001 1 18853 <0.001
Treatment 5 4781 <0.001 1 1.35 0.246 3 1.65 0.649
Sample 5 1285 0.025 1 2.94 0.087 3 1.68 0.642

Type:Treatment
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Table S3.2 Results from linear models testing for main effects of experimental N addition on soil fungal biomass including: (a) soil
ergosterol content; (b) ratio of bacterial:fungal fatty acid methyl ester (FAME) biomarkers; and (c) proportion of fungal biomarkers
(% of total FAME) detected in biocrust soils from 3 experiments (MRME, NutNet, WENNDEX). Note that a linear mixed-effects

model was fit for responses from MRME only to account for the random effect of N addition subplots nested within each control plot.

MRME NutNet WENNDEXx
Response Predictors df X? P df F P df F P
Soil ergosterol concentration N Treatment 1 0.97 0.324 1 027 0.619 1 <0.01 0.977
Bacterial:Fungal FAME ratio N Treatment 1 133 0.249 1 087 0.377 1 0.08 0.788
Proportion of FAME from Fungi N Treatment 1 170 0.193 1 095 0.358 1 0.01 0.920

Table S3.3 Results from linear mixed effects ANOVA models testing for main and interacting effects of hyphal morphotype (aseptate
or septate), experimental treatment (N addition only, water only, and water + N additions) on fungal root colonization (% root length

colonized) of B. eriopoda roots from each of 3 experiments (MRME, NutNet, WENNDEX). Significant values (P < 0.05) are bolded.

MRME NutNet WENNDEX
Predictors df X? P df X2 P df X? P
Hyphal Type 1 5753 <0.001 1 022 0.643 1 19.23 <0.001
Treatment 5 155 0.907 1 0.01 0.906 3 1237 0.006
Hyphal Type:Treatment 5 350 0.623 1 182 0.178 3 585 0.119
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Table S3.4. Diversity Index Calculations

Diversity Metric Symbol Formula Description
Good’s Coverage G G=1-3) n1 = the number of OTUs that only
N appear once in a sample (“singletons”)
N = the total number of OTUs in the
sample
Total Richness Sobs NA Sobs = count of OTUs observed per
sample
Estimated Richness Schaol  § = Gype + M= ny = the number of OTUs that only
(Chaol Index) (2n2+1)  appear once in a sample (“singletons”)
n2 = the number of OTUs that only
appear twice in a sample (“doubletons”)
Shannon Diversity H? H! =Y p; X In(p;) pi = proportional abundance of species i
Pielou’s Evenness J ___H' H* = Shannon Diversity Index
log (Sobs) Sobs = number of OTUs observed per
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Fig. S3.1 Rarefaction curves generated for biocrust (brown) and root (teal) samples based on (a)

raw sequence data and (b) sequences rarefied to an even sampling depth of 9484 sequences per

sample. Samples were rarefied to the same number of sequences as the second lowest sample

overall (N38R) in order to prevent artificial overestimation of OTUs due to uneven sampling

depth. Values for Good’s Coverage Index were > 0.98 for all samples, suggesting adequate

sampling of target fungal communities in both sample types.
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Fig. S3.2 Proportional/relative abundance of unique and shared fungal Phyla in biocrust and root

communities from control (no treatment) plots from three experiments, MRME, NutNet, and

WENNDEX combined (N = 30 samples)
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Fig. S3.3 Proportional distribution of fungal OTUs assigned to 7 trophic modes found in (a)
biocrust only, (b) root only, (c) shared by both sample types. Only OTUs classified to >80%

confidence at the genus level (N = 1740 OTUs) were used for FUNGuild assignment.
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CHAPTER 4

Table S4.1 Mean + standard error leaf excess N values (ug N per g dry biomass) and sample
sizes (n) of enriched samples from each experiment year: (a) 2017, (b) 2018, and (c) 2019. Note
that B. eriopoda was the only species tested in the 2017 and 2019 mesh experiments; and data

from both sites are combined for 2018. An “NA” indicates that value could not be determined.

JOR SEV
(a) 2017 Treatment n Mean n Mean
Coarse mesh 3 851+82.8 6 59+25
Fine mesh 5 541+137 7 125+7.7
None 8 123.8+421 7 51.5+46.1
B. eriopoda G. sarothrae
(b) 2018 Treatment n Mean n Mean
2cm 4 1.2+0.1 8 6.9+3.0
None 1 0.9 £ NA 6 82+16
SEV
(c) 2019 Treatment n Mean
Coarse mesh 8 89.1+16.9
Fine mesh 16 70.6 £9.1
None 18 454+ 3.6
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Fig. S4.1 6N (%) values of all root samples collected from B. eriopoda plants 10 and 60 days
following *N tracer addition to biocrusts in the 2017 monsoon season mesh experiment plots
(treatments: vertical coarse mesh, fine mesh, no mesh) at two sites (JOR and SEV). An “NA”

indicates no samples collected for that site/collection day.
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